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ABSTRACT

In 2003 an unknowheishmaniaspecies was isolated as the cause of cutaneous
lesions in red kangaroodlécropus rufuy located in the Northern Territory.
This was the first identification of natura¢ishmanianfection in Australia and

the parasite was characterised as a unique species.

The lifecycle of Leishmania typically involves a mammalian host and
transmitting phlebotomine sand fly vector. Thisdst@imed to investigate the
lifecycle of AustralianLeishmaniaby incriminating both a vector and reservoir

of the parasite.

Traditional methods fokeishmaniadiagnosis were utilized in the investigation
including in vitro culture, cytology, histology, and serology, as Iwad the
development of a new specific Australiaeishmaniareal-time PCR. Native
marsupials commonly found in the Darwin rural aveere opportunistically
sampled and screened foeishmania Serology and real-time PCR assisted in
determining the parasite’s geographic range andatsral mammalian hosts.
New clinical cases of cutaneous leishmaniasis vemetified and characterised
in northern wallaroos M. robustus woodwardii a black wallaroo N.
bernardug and agile wallabiesM. agilis). Overall, antilopine wallaroos\
antilopinug and agile wallabies presented with high exposun@ tolerance to

the parasite, implicating them as reservoirs.

To incriminate a vector, phlebotomine sand fly piag was undertaken in two
hot spot areas of known transmission and were sgules#ly screened for
Leishmania.No association betweebeishmaniaand sand flies was found.
Subsequently, alternative vectors present in thewDarural area were
investigated for infection giving startling resultor the first time, evidence
linking the day-feeding midge, genbsrcipomyig subgenugs asioheleaas the
biological vector ofLeishmaniais presented. This finding will have massive

implications in the understanding of theishmanidifecycle worldwide



Elucidating the complete lifecycle dfeishmaniain Australia is vital to
predicting the effects of an exotic introductionasr endemic expansion of the
parasite. This knowledge is fundamental for ongaliggase surveillance and

Australian biosecurity.
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1. INTRODUCTION

1.1. Background

1.1.1. Leishmaniasis — general comments

Leishmaniasis is a significant zoonotic diseasesedby species of the genus
Leishmania The protozodeishmaniahave digenetic lifecycles and can exist in
two morphological forms; either as amastigotes dasthe immune cells
(macrophages) of mammals, or as flagellated pragwss within the gut of a
phlebotomine sand fly. Worldwide there are numerdifferent mammalian

‘reservoir’ and sand fly ‘vector’ species that ¢csnparasitized bieishmania

The genus has been a focus of research worldwidp@®ximately 20 species
are known to cause zoonotic disease which can bgitdeng or even fatal
(Ashford, 2000). The most common form of the diseiasknown as cutaneous
leishmaniasis (CL) which affects the skin and aot®dor more than 50% of
new leishmaniasis cases (Kedzierskial, 2006). Symptoms are variable but
often appear as small papules at the site of thd fig bite which become
nodular before producing large ulcerative lesiohisese generally occur on
areas of the body exposed to sand fly bites, ssctha face, neck, arms and
legs. Lesion development occurs over a period ofweeks to six months and
infections can sometimes remain asymptomatic. Ibssican spontaneously
resolve or self cure resulting in lifelong immunity the disease, although
scaring and the cultural stigmatisation it elici&n persist for life (Reithingeat
al.,, 2007). Human CL is caused by many differdmishmania species
including Le. major Le. tropicaand Le. aethiopicain the Old World orLe.
mexicana Le. amazonensiandLe. guyanensisn the New World (Ashford,
2000).



Some Leishmania spp. such ad.e. aethiopica, Le. amazonensigt Le.
mexicanacan disseminate from the localised lesion andecaudltiple lesions
known as diffuse cutaneous leishmaniasis. AnotleeEmf mucocutaneous
leishmaniasis (MCL) occurs when the parasite digsati®s and infects the
naso-oropharyngeal mucosae. This is a rare conddtima is usually caused by
Le. braziliensisoften several years after the initial cutane@ssoh has healed
(Herwaldt, 1999, Reithingest al, 2007, Murrayet al, 2005, Kedziersket al,
2006). A fatal form known as visceral leishmania@rd) is caused bylLe.
donovanior Le. infantum VL behaves very differently to CL whereby the
parasite infects the spleen, liver and bone mar@hmical symptoms include
fever, weakness, night sweats, anorexia and wdmgg (Herwaldt, 1999,
Murray et al, 2005). In some patients apparently cured of & disease can
reappear later as post kala-azar dermal leishmaniasvhich high numbers of
parasites can be present in the skin and readdifadole for feeding sand flies,

representing an important source of transmissicdgierskiet al, 2006).

The Leishmaniaspp. are believed to infect approximately 12 wiilipeople
worldwide, with a further 350 million people atkisef infection. There are 1 to
1.5 million new cases of CL, along with estimat®® 00 people acquiring the
potentially fatal form VL every year (WHO, 1990)h& majority of people
infected are from poor or marginalised countrieserghthe prevalence of

disease is believed to be grossly underestimated.

Leishmaniasis is a treatable disease. Similar dangsised for treatment of all
clinical forms of the disease. CL can be treatedteqeffectively with
antimonial therapy to aid in resolving lesions, vy@ming scarring and
eliminating the risk of dissemination or relapsetifonial treatment can take
six months or more with various side effects duetdxicity. Due to the
requirement for multiple injections, compliance adull therapeutic regimen
can be difficult, especially for those who havedequate access to healthcare.
VL is also treated using antimonials except in Bibar State, India where
resistance has developed. Amphotericin B or lipadofmphotericin B is

another drug commonly used to treat leishmaniddiisefosine is an oral drug



currently being used in India as an alternativartbmonials, although there are
also concerns that further resistance will develdge to poor patient
compliance and sub-optimal dosage (ONP009, Herwaldt, 1999, Murragt
al., 2005, Reithingeet al, 2007). The Drugs for Neglected Diseasgsative

is currently trying to improve VL treatment through endemic areas. It aims
to improve existing treatments and register newgsirand combination
therapies. There are also concerns about the entrgd HIVALeishmaniaco-
infections which are particularly hard to treat doethe immunosuppression
(Kedzierskiet al, 2006).

The control of leishmaniasis is a complex issue ianal changing scenario in
each specifid_eishmanialifecycle and its geographic location. Measuras c
either target the reservoir, the vector or bothat8gies for control can include
habitat destruction of the reservoir and vectorsmaying of the vector (DTT,
BHC, ULV fogging with malathion). Prevention of edtion can be achieved
by using insect impregnated bed nets or the vattocmaf dogs (the primary
reservoir of Le. infantun). The Brazillian Control Programs recommends
canine culling and insecticide spraying for thetge@s the primary stategory
for the control of VL (Gaskiret al, 2002, Killick-Kendrick, 1999, Romero and
Boelaert, 2010).

1.1.2. Geography

The genud.eishmaniais found from temperate to tropical climates wuiide,
occurring in more than 100 countries (Ashford, 200Me species which cause
CL are the most widespread and this disease isn@nd@ more than 70
countries. Afghanistan, Algeria, Brazil, Pakist®gru, Saudi Arabia and Syria
account for 90% of all CL cases (Reithingéal, 2007).

New World VL is endemic in areas of both Centrad &outh America. Most of
the cases are concentrated in north-eastern Baadilare due the. infantum
(Ashford, 2000).



The Indian state of Bihar accounts for 45% of tleldis cases of VL, caused
by Le. donovaniOther ‘hotspots’ for VL are found in Kenya andd@n where
the disease is caused by the same species as imm Md is also found
throughout the Mediterranean, whdre. infantumis the species responsible
(Murrayet al, 2005).

There have been recent reportsLeishmaniainfection occurring in regions
that were previously considered free of the pasadir example CL in Sri
Lanka and East Timor and VL in Thailand (Chevadieal, 2000, Siriwardana

et al, 2007, Sukmeeet al, 2008). The emergence and re-emergence of
leishmaniasis will be discussed in section 1.7.3.

1.2. A HISTORY OF LEISHMANIASIS

Reports possibly referring to CL can be found ia @id Testament. Exodus (9
and 10), “Then Jehova said to Moses and Aaron. Bskes from the kiln.
Moses, toss it into the sky as Pharaoh watchewillltspread like fine dust
overall the land of Egypt and cause boils to breatupon people and animals
alike, throughout the land”. In the Middle East, there descriptions of skin
lesions on tablets found in the library of King Ashanipal from the 7 century
BCE. In 930CE Abu Baker Al Razi, an Arab-Islamigdestist described CL as
a sore endemic in the Balkh and Baghdad regions. Qlrlike disease was
well known in the Balkh, a Russian region that noevders on Afghanistan.
Abu-Mansur Hassan Al Qamari Al-Bokhari made refeeeto it in 970CE and
was known as the “Balkh sore”. The people from tegion also referred to it
‘Pasha Gazidagi’ which translates to mosquito K@aimeish, 1999, Cox,
2002).

In the New World, depictions resembling skin lesicand facial deformities
have been found on pre-Inca pottery from EcuaddrReru which can be dated
back to the first century CE. References to sedsagdcultural workers

returning from the Andes with skin ulcers, known ‘aalley sickness’ or



‘Andean sickness’, is found in texts from the ImgExiod in the 18 and 16'
centuries (Felipe Francised al, 2008, Oumeish, 1999).

Depending on the region and country CL is knowmiany common names;
some examples include ‘oriental sore’ or ‘Baghdad’ In the Old World and

‘pain bois’, ‘chiclero’s ulcer’, or ‘bay sore’ inhe New World. In South
America, the rare and debilitating form MCL is knows ‘Espunda’, meaning

cancerous ulcer (Oumeish, 1999).

The parasite responsible for these diseases wat discribed in 1903
independently by Leishman and Donovan in splerssug from patients in
India with an unknown life-threatening disease. tisease was referred to as
kala-azar, which translated from Hindi means bléeker (Herwaldt, 1999,
Murray et al, 2005). Since then around 30 species have beemilakd 20 of
which are known to cause infection in humans. Tgeces are considered to
have significant medical and veterinary importa(Rates, 2007).

1.3. THE LIFECYCLE OF LEISHMANIA

1.3.1. Summary

The Leishmaniaspp. have a polymorphic lifecycle involving two bgsnsects
and primarily mammals, as depicted in Figure. The parasite morphology
differs between hosts. As a circular amastighshmaniainvades and
replicates inside the phagolysosome of mammaliacrophages. Heavily
infected macrophages rupture and amastigotes widlvemon to infect
surrounding macrophages. In CL macrophages infesfd amastigotes are
localised in the skin, whereas for VL infected nogdrages become systemic in
the bloodstream and can be found in the spleeer, liymph nodes and bone

marrow.

When a phlebotomine sand fly takes a bloodmeal fridected host

macrophages (containing amastigotes) can be irmhestethe sand fly the



parasite exists extracellularly as a flagellatednpastigote. Here it replicates
and is later transmitted to its animal host by rgdation during the sand fly
bite. Occasionally, incidental disease can occuthiumans when they are
infected via the bite by an infected sand fly. Bome species such &e.
donovania mammalian reservoir is not required and theyidte involves only

humans and the transmitting vector.

Figure 1.1: Generalised lifecycle of th&éeishmaniaspp.

Image reproduced from Special Programme for ReBeard Training in
Tropical Diseases website (TDR/Wellcome trust, 3004

1.3.2. Amastigotes

The Leishmaniaamastigote exists as an obligate intracellulaaoigm within
the phagolysosome of the mammalian host macrophagesher phagocytic
host cells (Herwaldt, 1999). The amastigotes ammdoor oval non-flagellated
cells, 2-6 m in diameter (Dedett al, 1999). The flagellum is internalised and
can be seen within the cell on electron microgragfgure 1.2). The

kinetoplast and nucleus are also easily visiblecyological stains. The



kinetoplast is often distinguishable from the otB&uctures due to its kidney
shape and is characteristically used for microscogiagnosis. It stains

intensely on giemsa stain due to the high conceotraf DNA.

/ Kinetoplast

/ Flagellum
(internalised)
Nucleus

Figure 1.2: Transmission electron micrograph of Augalian Leishmania
amastigote.

(Image — Professor Peter O'Donoghue, Universit@Qoéensland)

1.3.3. Promastigotes

Promastigotes are slender cells about 15-20 pMenmgth, 1.5-3.5 uM in
diameter, with a flagellum that is approximately-2% pM. The nucleus is
central while, the characteristic kinetoplast isalied adjacent to the base of the
flagellum (Dedetet al, 1999). Promastigotes are easily cultured in the
laboratory and their flagellum is used for direnb movement. Rather than a
rudder like tail, its movement is always direct@awiard from the tip of the
flagella. In culture the flagella will often atta¢h each other forming rosette

structures or large clumps of promastigotes as iseEigure 1.3.



Figure 1.3: Promastigotes in culture.

Photograph taken of live Australi&ceishmanian culture x400 magnification.
Clumping can be seen forming the rosette struaaréhe right hand side.

1.3.4. Promastigote lifecycle within the sand flyg  ut

When a phlebotomine sand fly vector bites an imf@dtost, amastigotes within
macrophages are taken up in the bloodmeal. Thesipgran response to
environmental stimuli, transforms into flagellatedromastigotes. The
morphological transformation is dependent on esgicifiactors such as changes
in temperature and pH (Bates and Rogers, 2004)sellbause a cascade of
molecular responses resulting in the physical cedanghe promastigote form.
Within the sand fly gut the parasite completeslifecycle in approximately
seven days or until it reaches sufficient numberbé infective and passed on
to its next host (Sacks and Kamhawi, 2001). Trassimn occurs when the
sand fly takes its next bloodmeal and parasitesregergitated during the

feeding process into the host bloodstream.



Figure 1.4: The lifecycle ofLeishmaniawithin the digestive tract of a
competent sand fly vector.

Diagram reproduced froni.eéishmanigbeyond the genome’ book chapter, ‘The
biology of LeishmaniaSandfly Interactions’ (Saclet al, 2008)

The life stages within the sand fly digestive tracé shown in Figure 1.4.
Within the sand fly gut there are five slightlyfeifent morphological forms, the
prevalent form depending on the stage of infectidmese can be classified as
procyclics, nectomonads, leptomonads, haptomonadsretacyclics (Rogers
et al, 2002). When a bloodmeal is ingested the sangrfiduces a peritrophic
membrane to encase it. Within 12-16 h the amagsgdrransform to
promastigote forms known as procyclics. These armapact ovoid forms in
which the flagellum is shorter than the body. Pdlicg multiply within the
bloodmeal for the next 18-24 h. Sand fly digestareymes are transported
from the gut across the membrane to break dowrbltedmeal components.
To avoid enzymatic breakdoweishmaniaparasites move out through the
bloodmeal peritrophic membrane and into the gutennB8-4 days post-

infection. Parasites move through the peritrophiemiorane as nectomonads



which are slender forms 12 m long. Nectomonads attach to the sand fly gut
wall using their flagella, a process mediated byapiée surface molecules
known as lipophosphoglycans (LPGs). The LPGs ioteséth the sand fly gut
wall and mediate specific binding. In doing sositbelieved the parasite avoids
excretion from the sand fly gut with the bloodm@ilmentaet al, 1992, Sacks
and Kamhawi, 2001).

Following bloodmeal digestion parasite numbers dmse to ensure
transmission with the next blood meal. Parasite pimology changes again
from nectomonads into leptomonads. These are baté@&e m-11.5 m long,
with the flagellum greater than or equal to the \bdeihgth. Leptomonads
excrete a proteophosphoglycan-rich promastigoteetsay gel (PSG), which
causes the parasites to stick together in clumg/fdum (Rogerset al, 2002,
Rogerset al, 2004, Stierhogt al, 1999). PSG plug formation is seen 5-7 days
post infection in the anterior foregut and the sideal valve.

A sub-set of parasites known as haptomonads lecatisthe surface of the
stomodeal valve. The flagella tip bears a disc-ékpansion and the length of
the flagellum is variable. It is believed the sple&pose of haptomonads is to
enhance chances of transmission by damaging tmeode&al valve. By day
seven the majority of parasites will be metacyc(lwsdy length 8 m, body
width 1 m, flagellum > body length) within a PSG plug. Trhetacyclics are
the infective stage required to invade mammaliast htacrophage (Rogers and
Bates, 2007, Rogert al, 2002). When the sand fly takes its next bloodmeal
the PSG plug causes a blockage during feeding lamdsand fly will make
multiple attempts to feed. It is through this pxdhe parasite PSG plug is
regurgitated and transmission of metacyclic proigasts occurs. Similarities
to this phenomen are seen in the vectorYfesina pestisfleas.Y. pestiswill
multiply in the gut lumen of flea, as its numbengresase it starts to form
aggregates which later migrate and adhere to thmveptricular valve
(analogous to the stomdeal valve), it is here weoekages occur preventing
the feeding of blood for the flea aidding in th&aént transmission of. pestis
to another host (Jarredt al, 2004).
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1.3.5. Sex and Leishmania

The demonstration dfeishmaniahybrid species and recentlythe discovery of a
sexual stage in promastigotes is an important feictcsand flyLeishmania

interactions.

Ravelet al. (2006) described the first genetic hybridsLef infantumandLe.
major, isolated in Portugal from two patients with HI¥ishmania co-
infection. It has also been demonstrated ttet major/Le. infantunhybrids
show increased transmission potential in the séied Phlebotomus papatasi

andLutzomyidongipalpis(Volf et al, 2007).

A recent ground breaking discovery was the findithgit promastigotes
undergoing development in the sand fly gut are lolepaf undergoing a sexual
cycle. Akopyantst al. (2009) used two different drug-resistant mutardiss

of Le. majorin experimental sand fly infections. In co-infects with the two
mutant strains they were able to demonstrate Fé&rggans with resistance to
both drugs. The genotypes were consistent withdieision by meiosis, with
heterozygous first generation progeny having aldtem both strains. This
discovery may explain some complexities lafishmaniataxonomy and the
variety of disease tropism. The existence of a aegycle has consequences in
all areas ofLeishmaniabiology. Under evolutionary pressures caused by
changing habitats and environmental conditions, ridigation may allow
adaptations to new ecological niches, vectors amstsh Pathogenesis, drug
resistance and virulence may also be affected dgétual cycle given the right
conditions (Mileset al, 2009).
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1.4. TAXONOMY OF LEISHMANIA

1.4.1. Classification

The protozoarLeishmaniais a member of the order Kinetoplastida and the
family Trypanosomatidae. Species belonging to thider all have a unique
DNA-packed kinetoplast functionally analogous toe tlmitochondria of

eukaryotes (Simpson, 1987).

According to Levineet al. (1980) the genuseishmanias classified as follows:
Phylum: Sarcomastigophora (Honigberg and Balamuth, 1963)
Sub-phylum: Mastigophora (Diesing, 1866)

Class Zoomastigophorea (Calkins, 1909)

Order: Kinetoplastida (Honigberg, 1963, emend. Vickernikdy,6)
Sub-order:  Trypanosomatina (Kent, 1880)

Family: Trypanosomatidae (Do" flein, 1901, emend. GrobkéA5)
Genus: LeishmanigRoss, 1903)

The family Trypanosomatidae includes nine genera tharasitize various
living organisms including fish, amphibians and tileg (Trypanosoma
Sauraleishmanig mammals Trypanosomaleishmaniaand Endotrypanurj
insects Crithidia, Herpetomas, Leptomonas, Blastocrithidiand plants
(Phytomonays (Dedet et al, 1999, Simpson, 1987). Genera of particular
medical and veterinary importance inclutigypanosomand thelLeishmania
The Special Programme for Research and Trainingapical Diseases based
at the WHO in Geneva, Switzerland, includes the dunpathogenic
Leishmaniaspp., andTrypanosoma brucefAfrican sleeping sickness) ard
cruzi (Chagas disease) as major infectious diseasadtj@sofor research due to
their worldwide public health impact. Due to theiredical and economic
importance, trypanosomatids of vertebrates have lséedied more intensely
than those of insects and plants. It is likely tinat family is much more diverse

with many species yet to be discovered.
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The morphological features of species within thenugeLeishmania are
indistinct. Various characteristics have been usedlassification since the
genus was first described including both extringitinical descriptors or
geographical distribution) and intrinsic featuréso¢hemical and molecular).
The scheme reproduced in Figure 1.5 for the ciaasibn of Leishmaniaand
its sub-species was published by WHO (1990) (Baetudd, 2007, Dedeét al,
1999).

Development of the promastigote stages within Hredly gut is the accepted
way to distinguish the subgendraishmania(Leishmania andLe. (Viannia).
Promastigotes multiply in the midgut and foregutspecies of the subgenus
Leishmania their developmental pattern thus being known agprfapylarian”
(literally “above the gate”). Species of subgeniannia are “peripylarian”
("on both sides of the gate”) since they multiphytially in the hindgut and
later migrate to the midgut and foregut before graission. Members of the
reptile infecting genusSauroleishmania(formerly considered as a further
subgenus of eishmanid are “hypopylarian” (“under the gate”), developiimg
the hindgut before migrating backwards to the ileamd rectum (Lainson and
Shaw, 1987). As such they cannot be transmittedsdnd fly bite and the

infection of reptiles must be by some other route.

Serotypying using excreted soluble proteins, manall antibodies, isoenzyme
characterisation and molecular criteria have als®nbused to classify
Leishmaniaspecies (Banulst al, 2007, Dedeét al, 1999, Shaw, 1994).

13



Figure 1.5: Taxonomy ofLeishmania
Underlined species have been questioned. ReprodraredBanuls (2007).

1.4.2. Molecular phylogenetics

In recent times molecular phylogenetics has beed tsanalyse inter and intra
subgeneric species relatedness and evolution. Das&d analysis of hyper-
variable regions has been used to examine diffestratns within particular
species, from different locales or which causeedéht pathologies. Examples
include microsatellite analysis dfe. majorin Africa and the middle east
(Schwenkenbechest al, 2006, Schwenkenbechet al, 2004) or the analysis
of intergenic spacer regions (ITS) for theishmanigVianng subgenus which
cause both CL and MCL. The ITS studies have shiosr(V.) braziliensisand
Le. (V.) naiffito be highly polymorphic and strain variation asated with
geographical location and different vector sped€sipolillo et al, 2003,
Cupolillo et al, 1995).

The use of conserved sequences (under little éookry pressure) is used for
analysis at the species level, and can be corcelatéh geographical
distribution and/or disease phenotype. Gene segseanalysed include the
DNA polymerase and RNA polymerase largest subun{iCtoan and Ellis,
1996, Croaret al, 1997, Noye®t al, 2000), 18S ribosomal RNA (18S rRNA),
glyceraldehyde phosphate dehydrogenase and cytoelirAsatoet al, 2009,
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Noyeset al, 2002, Yurchenkaet al, 2006). The tree shown in Figure 1.6
shows an analysis done by Yurchergtaal. (2006) using 1266 nt of the RNA

polymerase largest subunit Il gene.

Figure 1.6: Phylogenetic tree of the.eishmaniaspecies using the RNA
polymerase largest subunit 1l gene.

Maximum likelihood tree reproduced from (Yurcherdtal, 2006)

In Figure 1.6 the namédParaleishmaniécollectively refers td_eishmaniaspp
closely related to thEndotrypanunsp. found in sloths in the Neotropics. The
name Euleishmania refers to all otherLeishmaniaspp. (Cupolilloet al,
2000). Yurchenkeet al. (2006) undertook sequence analysis of the 18S rRNA,
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glyceraldehyde 3-phosphate dehydrogenase and RNAnpmase (Figure 1.6)
to convey how closely relatddeptomonas costaricensis to theLeishmania
spp. They hypothesise that thisptomonasp. at the root of the tree represents
the evolutionary step towards becoming dixenousagiess and predates
continental split. Phylogenies produced from covegrsequence analysis are
useful for classification and can examine evoluignorigins of the genus.
Taxonomy ofLeishmaniais a complex field due to variation within the genu

which occurs in many different mammal and vect@csgs worldwide.

1.5. VECTOR BIOLOGY

1.5.1. Phlebotomine sand fly vectors

It is widely accepted that phlebotomine sand flime the vectors of
Leishmania There are approximately 700 known species ofljgttamine sand

fly and of these only a small nhumber have been icaf@d as vectors of
zoonotic leishmaniasis. Twenty speciesPtflebotomusn the Old World and
24 Lutzomyia species in the New World are considered to be gwowor
probable vectors (Sacks al, 2008). Phlebotomine sand flies are also known to
be vectors for bartonelosis, flaviruses, ordivigjsephleboviruses and

vesiculoviruses (Feliciangeli, 2004).

Phlebotomine sand flies are found in most warm ales around the world.
Their habitats are very diverse ranging from hot deserts, savannas, open
woodlands to tropical rainforests. Sand flies ave found in New Zealand or
the Pacific Islands. The Old World sand flies predwte in deserts or
savannas, while in the New World most species ottwarmer, more humid

forested areas with higher rainfall.

Temperature and rainfall can affect the relativeraance of sand flies over the
seasons. Old World leishmaniasis is usually foundub-tropical to temperate

climates where the sand fly season is often agsaligith the warmer months.
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This is the case fdP. gubbibergi the vector ole. majorin Kenya where the
highest numbers are seen in December (summerharidwest in July/August
when overnight temperatures drop to 5°C (Johesah, 1999).

New World leishmaniasis is predominantly tropicatlaand flies in these areas
can be found all year round, although their popotest do show seasonal
fluctuations. For example, Gat al. (2003) found that 77.6% of sand flies
surveyed in the Brazilian state of Rodonia weregbaun the rainy season,
despite the effect of long periods of heavy ralnfat diurnal resting and

breeding sites for sand flies.

There is some confusion in Australia regarding déed. In Australia members
of the family Ceratopogonidae are commonly refeti@ds sand flies rather
than the more widely used term of biting midgest{lée 1984a). Generally the
rest of the world refers to sand flies as belongiiog the sub-family

Phlebotominae (sometimes raised to family statuBhdsbotomidae). They can
be easily distinguished from other psychodids leyrdised V-shaped position
in which they hold their wings at rest. Phlebotoensand flies are small (2-3
mm long), have long antennae, pendulous palps,haitg bodies and wings
(Alexander, 2000, Kettle, 1984b). In this thesiting flies from the sub-family

Phlebotominae are referred to as sand flies.

The phlebotomine sand flies of Australia are dethih section 4.1.

1.5.2. Sand fly lifecycle

The phlebotomine sand fly lifecycle typically las88-45 days, during which
time the insects pass from eggs through four laimatars to pupae and
ultimately adult emergence. Development time isetelent on the species and
ambient temperature. It usually takes around 4y& dar the larvae to hatch.
Larval development is slow and takes around threeks. The adults emerge
from the pupae after about 10 days. Adult femaésgiire a blood meal to
produce eggs and they will mate before, during fterathe blood meal

depending on the species. The time taken to matuiday eggs also depends
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on the species as well as other factors such apetature and speed of
digestion (Killick-Kendrick, 1999). Generally in ¢h laboratory, egg
development takes around 4-8 days. Adults may takkiple bloodmeals or
only one per batch of eggs, dependent on the sperid the environment.
Adults also require a sugar meal to provide forirtlemergy requirements,
which is obtained from honeydew or nectar from vésmcplants (Alexander,
2000, Alexander and Usma, 1994, Kettle, 1984bjdkiKendrick, 1999)

Little is known about sand fly breeding sites. Rlieg sites have only been
identified for 52% ofLeishmaniavector species in the Old World and 27% in
the New World, accounting for only 3% of all knowpecies (including non-
Leishmaniavectors) of Phlebotominae (Feliciangeli, 2004, ligl-Kendrick,
1999). It is known, however, that larval developmeaocurs in soils that are
rich in organic matter. Immature stages of saresfére not aquatic and there is

no association with bodies of water or sand as tie@ne might suggest.

1.5.3. Permissive versus non-permissive vectors

Phlebotomine sand flizeishmaniavectors can be categorised into two types;
the non-permissive (specific) vectors and the pssive vectors. A specific
vector will be adapted to only carry oheishmaniasp. Evidence for this
specificity has been seen in the field and the raiooy. For exampleP.
papatasiis only involved in transmission afe. major even though the vector
has a wide geographic range covering areas endematherLeishmaniaspp.
This is supported in the laboratory by experimeirigctions ofP. papatasi
colonies which are unable to support the full depeient of species other than
Le. major The LPG structures dfe. majorare linked to a specific gut wall
attachment ifP. papatasi This specific relationship has been well chanssxel
and is due to terminal sugars on the LPG moledud¢ are developmentally

regulated irLe. major(Sacks, 2001).

Studies have shown that the permissive vectors praduce transmissible

infections for more than onkeishmaniaspecies. For examplé,utzomyia
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longipalpis was able to carrye. infantumwhen this parasite was introduced
into South America by European colonists (Bates)820 The Old World
speciesP. arabicusis capable of carryindee. major Le. infantumand Le.
tropica (Volf and Myskova, 2007). A recent a study using major LPG-
deficient mutants found that gut wall attachmenll siccurs in permissive
vectors, thus indicating an LPi@dependentnechanism for vector competence
in permissive sand flies. The mechanism is beligeelde associated with sand
fly midgut glycoprotein’s bearinj-acetyl-galactosamine mediated binding to

theLeishmaniasurface (Myskovet al, 2007).

1.5.4. Proving a sand fly vector

Demonstrating that a species of phlebotomine shnis fcarryingLeishmania

does not prove that it is a vector. Many specieg take up the parasite in a
blood meal and replication may occur, but oftennpastigotes are lost in the
excretion of the bloodmeal (Killick-Kendrick, 1999Yo0 be transmissible,
promastigotes have to reach the metacyclic stag@meb¢hey are ready to be

infective when the sand fly feeds again (Bates,7200

Killick-Kendrick (1999) summarised some generalkkgepted observations that
need to be made to incriminate a vectot@fhmanian human disease. These
include:

1) the sand fly will feed on humans and an animalrkesehost,

2) the sand fly will support the development of parméfestages after the

infecting bloodmeal has been digested and excreted,

3) parasites from wild caught sand flies will be irisiguishable from
isolates from patients, and

4) the sand fly will be able to transmit the parabyebite.

The criteria to prove or confirm a suspected veatoludes the isolation and

identification of parasites from sand flies, dentcaitson that the parasites

19



develop to metacyclic stage in the gut of the dandnd the demonstration of

human-vector and/or reservoir-vector contact (Lavayel Perkins, 2000).

The most straightforward way to finceishmaniaparasites within the gut is by
manual gut dissection of freshly caught flies. Pastigotes found in infected
flies can be cultured for species identificatiorheTdevelopmental stage of
promastigotes within the gut can be assessed fectime metacyclic stages.
Logistically this may not always be possible. Sélgdgut dissection requires
practice and skill, it can be time-consuming anémfarge numbers need to be
dissected to find an infected sand fly. Large disés between the laboratory

and the field may not allow sand flies to be digsgevhen fresh.

Many studies have used PCR as an alternative mdtirothe detection of
Leishmaniain sand fly guts. This method can have many b&neficluding
high sensitivity, species-specificity and large mens of sand flies can be
processed at a later date, rather than immediatébyever, detection of
LeishmaniaDNA in the sand fly gut still does not prove itgrsmission
capability and developmental stages within thecguinot be identified.

Another useful way to demonstrate that a vector nmey capable of
transmission is through xenodiagnosis. This inelfeeding an uninfected
sand fly on an infected patient or animal and labeamining for infection. A
good example of this method is the study by Jatarailal. (1994) in which the
vectorial competence of foututzomyiaspp. for Le. panamensisand Le.
braziliensiswas studied by feeding wild caught or F1 genenatiand flies on
infected hamsters. By monitoring parasite numbarshe gut these authors
found Lu. trapidoito be the most heavily infected (>100 parasitesi<ty) of
the four species by botheishmaniaspp. They also saw parasite migration
toward the foregut followed by promastigote colatisn of the stomodeal

valve, leading them to conclude that trapidoiwas the most efficient vector.

If the suspected vector is in a colony, experimeséad fly infections using
membrane feeders are useful to monitor the devedapof thelL eishmaniasp.,

again through gut dissection. This process canapeed out using laboratory
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cultures ofLeishmaniaeither as promastigotes or preferentially as agatsts
(if they can be cultured). The advantage is thaarmimal model is not required
and a colony can be tested for competence usindipheulspecies of
Leishmania

Human-vector and/or reservoir-vector contact cardémonstrated easily by
blood meal analysis. Wild-caught sand flies contajnblood meals can be
surveyed to establish host preferences for blooal ,masing techniques that will
be discussed in section 5.1. Sand flies observedirfg on potential reservoirs

can also be manually aspirated and later identdisdi analysed.

A laboratory colony of the sand fly species of it and animal disease model
is required to obtain conclusive proof of transmaiss An example of this
determined the vectorial competence Ruf arabicusfor Le. tropicain the
laboratory using experimentally infected hyraxBsotavia capens)s Blood-
fed sand flies were maintained in colony and l&eron uninfected hyraxes to
show they were capable of transmission (Svobodevéal, 2006). The
establishment of a sand fly colony is a laboursistee process and can be quite
difficult depending on the sand fly species. Olitagrthe facilities for culture
and an established animal model for infection soadlifficult. The average
small field laboratory may not have the capabditieo carry out such
experiments and this was certainly not within theope of this project.
However, molecular techniques fotLeishmania detection, bloodmeal
identification and keen observational skills all ntidoute towards the

incrimination of a vector species.

1.5.5. Alternative transmission

Phlebotomine sand flies of the gendrmatzomyiaand Phlebotomusare the
primary vectors ofLeishmania However mechanical transmission and other

arthropod species have also been proposed asibgwoiged in the lifecycle.

Within the subfamily Phlebotominae flagellates stueently identified age.

braziliensis were isolated and cultured from the sand flRsychodopygus
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wellcomeiandPs. complexysvhich were collected in a CL endemic area of the
Brazilian state of Para. Both these sand fly spgegie highly anthropophilic (de
Souzaet al, 1996, Readyet al, 1991). However, the generic status of
Psychodopyguss not accepted by most researchers who consider bhe a

subgenus ofutzomyia

There are several reports suggesting the Old Wgeldus Sergentomyias
involved in Leishmaniatransmission. For exampl&, babuwas found to be
PCR positive forLe. donovaniduring an outbreak of VL (kala-azar) in the
Indian states of West Bengal and Bihar states (Mrjkket al, 1997). Mutinga
et al. (1994) have dissected and cultulegl majorfrom S. garnhamiin the
Kitu district of Kenya. The same author has alsggestedS. garnhamiandsS.
ingrami as potential vectors dfe. donovani(Mutinga, 1991). There are no
published studies further confirming. baby S. garnhamior S. ingramias

vectors ofLeishmaniaspp.

Dogs are the principal reservoirs laé. infantumin the Mediterranean as well
as in South America. As these animals are hypestefl with ectoparasites,
studies have investigated the possibility thatgigkhipicephalus sanguineodus

or fleas Ctenocephalides felis fe)iare involved in transmission.

Coutinhoet al. (2005) collected ticks from dogs showing symptoohsvL.
Macerates of blood engorged ticks were then usauafé¢ot laboratory hamsters
either orally or peritoneally. Transmission by baotlethods was demonstrated
and positive hamsters were diagnosed based orcallisymptoms, PCR and
serology. However, this study failed to show whethatural transmission
between dogs was possible in the field or by tided) rather than simply
through mechanical transmission or transmissionobgl ingestion of an

engorged tick.

A similar experiment was conducted using fleas again infection was
demonstrated in hamsters following oral and pee&brinoculation, although
they were unable to visually confirm infection framprint smears of viscera
(Coutinho and Linardi, 2007). More recently, Otaand Dantas-Torres (2009)
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conducted a virtually identical experiment usingafi. Again infection in
hamsters was demonstrated using PCR and serol@gultR from impression
smear results were not reported. Neither study atds to show transmission
by the bite of an infected flea in hamsters. Furtiwe, dog-to-dog
transmission by fleas has not been proven. Fustuglies need to be conducted
to see if these alternative routes of transmissom significant factors of

leishmaniasis epidemiology in endemic areas.

Mechanical transmission dfe. majorhas been shown using laboratory-reared
Testse fliesGlossina morsitans morsitanged onlLe. majorinfected hamsters
and mice (Lightner and Roberts, 1984). In additrmechanical transmission of
Le. mexicanaby the common house flySfomoxys calcitranshas been
demonstrated experimentally also between hamstaiggon and Southgate,
1965).

There have been documented cases of canine VLeiralbsence of a known
biological vector. A good example of this is thet€hess County, New York
foxhound scenario. In 2000, an outbreak of caniheo¥curred at a foxhunting
club with 112/250 (44.8%) of the dogs showing syonm of the disease.
Confirmation ofLeishmaniainfection was made at necropsy in several dogs
using indirect immunofluorescent assay, PCR, celjtucytology and
histopathology. Since then evidence of the disémsebeen found in 18 US
states and two Canadian provinces across norteraa&terica. Transmission
in these areas has always been considered to béodimgy (Dupreyet al,
2006, Gaskiret al, 2002). Experimental studies have shown tteishmania
can be transmitted between dogs by at least thifeeetht routes. These include
transplacental, via blood transmission and veneraalsmission (Rosypadt
al., 2005, Owenst al, 2001, Silveet al, 2009).
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1.6. RESERVOIR BIOLOGY

1.6.1. Defining a reservoir

A reservoir may be defined as either ‘the ecoldg®gstem in which an
infectious agent survives persistently’ (Ashford9@&), or ‘one or more
epidemiologically connected populations or enviremts in which the
pathogen can be permanently maintained and fromctwhnfection is
transmitted to the defined target population’ (Hatydt al, 2002).

A primary reservoir is the host responsible for mgning the parasite enzootic
cycle in nature. A secondary reservoir is an irddchost that serves as an
infection source for the vector, but cannot mamt#e biological cycle
indefinitely in nature. An accidental host is arfected host that does not
usually represent a source of infection in natuglvé et al, 2005).
Occasionally an accidental host may play a rol#ansmission and become a
secondary reservoir. An additional term is a ‘lmishost’ which is defined as
an agent to a situation where the parasites care gongcontact with humans
(Ashford, 1996).

Silva et al. (2005) compiled a list of criteria used to detereiif a given
infected host could be the primary reservoithamaninfection. These are as

follows:

) overlap between geographical and temporal distohubf vectors

and hosts;

i) survival of the reservoir host long enough to gotea disease
transmission;

i) infection prevalence rates higher than 20% amorsgsho

Iv) maintenance of the parasite in skin lesions or dl¢a quantities

large enough to infect the vector easily) and

V) the presence of the sarheishmaniaspecies in the reservoir and in

humans.
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Chaveset al. (2007) argued that these criteria can be mislgadior example
an accidental host may have the same parasiteessikh of being infected from
the same source. Parasites in the skin or blo@haist may not always mean
the animal's behaviour will put them in contact lwithe vector in the
transmission season, i.e. infection may be purglgHance. As leishmaniasis is
a vector-borne disease then one would expect seasosality in the sand fly

numbers, the prevalence of infection changing atingly.

In summary ecological systems are complex and titeria that fit one
situation may not do so in others, making it difftdo conclusively incriminate
a reservoir. Nevertheless, if an infected mammatiast fits most or all of the
above criteria it may play a role in the lifecy@dad be should considered in

developing control strategies for zoonotic disease.

Ashford (1996) provided some of simplest and breadguidelines for

identifying a potential primary reservoir. He sthten page 523, “the reservoir
host is abundant, forming a large proportion of thammalian biomass;
frequently it is a gregarious species; an effectaservoir must be long-lived,
at least surviving through any non transmissions@ea The response to
infection is equally important: in the known systena large proportion of
individuals become infected during their lifetintBey remain infected for a
long time without acute disease and the parasrge@ahe skin or circulation,

where they are ‘presented’ to the sand fly vectors”

1.6.2. Diversity of mammalian reservoirs

Mammals include all the known reservoirs latishmaniaspp. The closely
related Sauroleishmania'sometimes considered a subspeciet@shmania
infect reptiles and are thought not to be involirr@oonotic disease. The best
known Leishmaniareservoirs are domestic dogs, which can provideces of

infection forLe. infantum, Le. major, Le. tropi@ndLe. braziliensis

A diverse range of mammals can be infected withouarLeishmaniaspp. In

the Old World, animals from the orders Primatesn{ano/vervet monkey),
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Carnivora (dogs/foxes), Hyracoidea (hyraxes) anddRtia (gerbills/rats) are
known reservoirs. The lifecycle dfe. major involves numerous reservoirs,
depending upon the geographical location. In Iraarthern Afghanistan,
Uzbekistan and Tajikistan the great gerBihombomys opimus a known
reservoir. This species has many good charactyisfi a reservoir in being a
gregarious species that lives in dense colonidsinvéxtensive burrows. These
burrows offer a warm, moist environment highly editto co-existence with
sand flies. Gerbils can live for more than two geahich makes them capable
of carrying the parasite on to the next transmissi@ason. Gerbils also do not
appear to be adversely affected by infection wigrshmania symptoms being
limited to swelling and slight erosion of the pinoé the ear, occasionally

lesions at other sites and sometimes visceralis@fishford, 1996).

Another well knowrlLe. majorreservoir is the fat sand r&&sammomys obesus
in Jordan, Israel, Palestine, Syria, Saudi AraBianisia and Libya. It is a
medium sized rodent that lives in habitats whex@itly food plant, salt bush of
the Chenopodiaceae, is the dominant vegetation #gain, it is a burrowing

animal and populations can build up to large numberideal situations. It is
fairly short-lived (18 months) but this is long emgh for it survive between
transmission seasons (Ashford, 1996, Saliba andeBinm1999).

Fichet-Calvatet al. (2003) carried out a thorough study of the sedsbra
major prevalence in fat sand rats in Tunisia. This syrlasted 21 months
during which 566 animals were collected. They fouhdt prevalence of
infection in the population fluctuated with betweBr70% due to seasonal
changes in the numbers of animals in colonies, dawembers giving higher
prevalence. Reservoirs do not always display symgtof the disease they
carry, as was clearly demonstrated in this studye &ar lesions observed on
378 sand rats during a one year survey were cl@sslyciated witheishmania
infection. However, such lesions were not good igtecs of infection as 35%
of the rodents found to be infected had no visiédgons on their ears.

26



In the New World, mammals from the orders Marsupi@dpossum), Xenarthra
(sloths/anteaters), Primates (monkeys/humans),iv@eien(domestic dog/foxes)
and Rodentia (rats) are known reservoirs (Ashfot®96). The sloths
(Choloepusspp. andBradypusspp.) are well characterised reservoirs. These
animals are reservoir hosts fbe. panamensignd Le. guyanensigand also
carry many other trypanosomatid infections in tlké sand viscera. These
animals are fairly solitary and have a small hoargge of less than 2 ha. They
spend most of their time in the canopy moving fitoee to tree were they feed
on the foliage and only descend every few daysefeaite (Ashford, 1996).
Their inactivity, in the canopy, leaves them easiposed to the sand fly bites

and as their home ranges are small re-infectioreeaily occur.

MCL caused bylLe. braziliensisdoes not have a well defined transmission
cycle. This species has the widest geographicailalision of the American CL
parasites and is found in Argentina, Brazil, ColaanEcuador, Paraguay, Peru,
Venezuela, Belize, Guatemala, Nicaragua, Costa, Riloaduras, Panama and
Mexico. The reservoir has been difficult to defbreause it covers such a wide
range of environments, with many different potdnteservoirs and vectors.
Mammals that have been found infected witle. braziliensis include
carnivores, rodents, marsupials and perissodacfidpirs and equines)
(Brandao-Filhoet al, 2003, Gramiccia and Gradoni, 2005, Schaéigal,
2007). The disease shows a close association weths aof deforestation and

agricultural expansion.

1.6.3. Incriminating a reservoir

The difficulty in establishing the primary resemvaif Leishmaniain a given
location can be due to the fact that many differamimals can be infected.
Identification of an infected animal does not imfhat the species plays a role
in the lifecycle, as it may be a secondary or amdal/liaison host. Other

factors need to be addressed, such as the abundadc&ehaviour of the
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animal, prevalence of infection, proximity to thector and contact with human

populations.

Similar methods to those used in vector studies w@ed to incriminate
reservoirs. These methods include direct culture@R detection from infected
skin, lesions, viscera or blood. Direct culturgisferable as it shows parasites
are viable for transmission, whereas PCR only detine DNA which is some
cases may be from very low paratiemia or dead asgan Xenodiagnosis for
vector identification can also be used for reserwudies as it essentially
shows that an animal has sufficient numbers ofgi@®to pass on infection to
the vector. Marolet al (2007) demonstrated that a cat chronically infeéetéh
Le. infantumcould easily transmit to the vectd®. perniciosusfound in
Southern Europe. Although leishmaniasis in catsbesn observed for a long
time, they have never been considered as impamtaetvoirs, with dogs being
the primary reservoir species. Xenodiagnosis catidoe in the field using wild
caught animals provided facilities are availablekeep sand flies alive to

monitor infection.

To demonstrate exposure to the parasite by deteatio antiLeishmania
antibodies, serology can be used to complemerghmaniadetection in the
reservoir incrimination. Methods used will be degdiin section 3.1. Serology
can also be used to show a close association hettheereservoir and the
vector by testing the animal for antibody responsessand fly salivary
antigens. Sand fly bloodmeal analysis can also steading preferences for
sand flies in a given focus, which can help to ld&h whether a potential
reservoir interacted with the vector long enoughaliow transmission. The

methods used for bloodmeal analysis will be diseds$s section 5.1.

In summary, the lifecycle afeishmaniais a complex biological system. The
parasite is found worldwide and is carried by mahfferent mammalian
species in a variety of habitats. Each locatiom@rohabitat for_eishmanias
slightly different and the reservoir in one locatimay not be the same in

another.
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1.7. NEW AND EMERGING VECTOR-BORNE DISEASE

1.7.1. Background

If we consider wildlife parasitic zoonoses, @merginginfection or disease can
be defined as an increased incidence of humantiofeor disease associated

with a parasite. Possible scenarios for this ogegiinclude:

) a new parasite of wildlife;
i) a new casual association between human infecteedde and a
parasite;

ii) a new route of transmission to humans and
V) a new geographic location for human infection/digea

Re-emergingnfection or disease occurs when there is an as&e incidence of
cases when previously there was a period of redinzedence (Polley, 2005).
We can define Australiaheishmaniaas emergingdue to newly identified
parasite infecting and causing disease in captildlii®. However this is an
unusual situation as it involves a parasite not ktwn to infect humans,

essentially yet to be identified as a zoonosis.

Emerging infectious and re-emerging infectious @as&s are a global problem
with significant effects on economies and publialtre A recent analysis of
emerging infectious disease events helps to défiaesignificance of vector-
borne diseases. Jones$ al. (2008) report the results of a comprehensive
database analysis of all emerging infectious dseasents from 1940-2004.
The authors controlled for reporting bias such aergased monitoring,
detection and surveillance of disease. Their amalghowed that 54.3% of
emerging infectious disease events are causeddigrizaor rickettsia, viral or
prion pathogens 25.4%, 10.7% by protozoa, 6.3% unif and 3.3% by

helminths. Zoonotic pathogens accounted for 60.3%vents and 70.8% of
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these arise from wildlife. Vector-borne diseasasoanted for 22.8% of events;
a figure which appears to be rising (28.8%, for4:2904).

The ecology and epidemiology of vector-borne diseamn be conceptualised
as a ‘disease triangle’ (Figure 1.7), the cornénslach are represented by the
host; pathogen and environment. The relationshgteden these three factors
depend on the sensitivity of each factor and the sdexposure to other factors
(Harrus and Baneth, 2005, Sutherst, 2004).

Figure 1.7: A host-pathogen-vector-environment frarework.

Used for the assessment of risks to humans fronoreorne diseases under
global change. Reproduced from Harrus & Baneth%2@@d Sutherst (2004).

Recently, there have been some interesting casemefgence ofeishmania
infection. One is the identification of a possilblew species of eishmania
isolated from patients with CL in the Ho distridtEeastern Ghana in 2006 and
2007. Infections were diagnosed lasishmaniaby real-time PCR, but they
were unable to identify the species responsiblgqu&ecing of the small subunit
rRNA and intergenic spacer region 1 (ITS1) regimrngealed that it was a novel

species. Interestingly, phylogenetic analysis & tfiS1 region with other
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known Leishmaniaspp. sequences found that it formed its own graypvith
the AustralianLeishmanialTS1 sequence found on Genbank (Villingkial,
2008). Investigations into the vector and reserao@& currently underway. In
Ghana CL is typically caused . majorand is associated with the northern
arid Sahel savannah regions whéreduboscqis the vector and rodents are
suspected reservoirs (Ashford, 2000). These newc&les where found near
humid, semi-deciduous forest, suggesting that fereifit reservoir and vector
are involved (Villinskiet al, 2008).

CL in Sri Lanka is an example of emergence of ankmgpecies in an entirely
new location and manifestation. Greater than 40®& wases of CL were
reported for the period 2001-2007. The causatiexisg was identified dse.
donovanj normally responsible for causing VL. Transmissadrie. donovani
traditionally occurs from human to human withoutyy &mown reservoir host.
All patients seen with CL in Sri Lanka are fromalareas closely associated
with scrub jungles, so a non-human reservoir issipdg involved. One study
investigated dogs and rodents as potential ressrvOnly 2/151 dogs and no
rodents were found to be infected despite obsematof lesions on the tails of
the latter. Epidemiological studies into the resérand vector are ongoing, as
are studies into why CL rather than VL is being nsee this situation
(Siriwardaneet al, 2007, Katakura, 2009).

The three major factors in the disease triangée, pathogens, hosts and the
environment, can all be influenced by drivers sk fiactors for emergence and
re-emergence of infection or disease. Hagtal. (2005) listed these as habitat
changes, atmospheric and climate changes, natecabrvmovement by wind
and birds, drug and insecticide resistance, inectasade and travel, war and
civil unrest, HIV and immunosuppression, polluticand finally global and

local management failure.
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1.7.2. Risk factors for the emergence of leishmania  sis

The major risk factors for the emergence of leishiansis, like many emerging
zoonotic diseases, are man made. They include timgradeforestation and

agricultural expansion and urbanisation.

War results in the movement of both civilians aniitany personal. A well
documented example is an outbreak of CL causddebynajorwhich occurred
in Iraq during the “Operation Iraqi Freedom”. Maiy personnel at Tallil Air
Base were particularly susceptible to the bite® opapatasi with reports of
greater than 1000 bites per night in some indivgluiBhe numbers of CL cases
for military personnel in since the beginning oé tlvar Iraq were estimated
between 1500 and 2000 as of January 2006. Potees@tvoirs at the air base
included dogs, jackals, foxes and small rodentsy Ome positive infection was
shown in an unidentified species of mouse amongni&e tested. Extensive
culling of dogs failed to provide any evidence laddishmaniainfection. A
variety of other potential rodent mammalian resesvof Leishmanigparasites
were collected, including 12 long-eared hedgeh@gdemiechinus auritys 11
jirds (Meriones spp.); gerbils Rhombomysspp.); and 11 fat sand rats. No
infections were found. Gerbils and fat sand rats ¢ reservoirs for

Leishmaniaand appear to be the most likely candidates (Caleshal, 2006).

Mass migration of refugees as a result of war esnlt in populations moving
to Leishmaniaendemic zones. The malnutrition, lack of accessiggnosis and
treatment associated with migration can result pidemics. A well known

example is the VL epidemic which occurred as altegilSudanese civil war of
the 1980’s. It was estimated that 30-40,000 pedjgé in this epidemic (Shaw,
2007). Mortality may have been grossly underesechatue to the conflict at

the time.

Urbanisation results in habitat changes for botlttars and reservoirs.
Deforestation and suburban development in Brazd bfien encroached on
Leishmanialifecycles resulting in exposure to accidental thosnd zoonotic

transmission. For example in the city of Manaus,a&onas State, Brazil the
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newly urbanised areas on the outskirts of the ditbyge to primary forest has
brought people in contact with thee. guyanensigifecycle. Epidemiological

data suggests a clear association between thefiglansmission to humans
and the proximity of the forest (Desjeux, 2001)efiéh are also scenarios of
complete habitat destruction and parasites adapdimgew hosts. An example
of this isLe. peruvianawhich causes CL in the Peruvian Andes. Traditignal
this was a sylvatic zoonosis but the desertificatb some areas removed the
natural host and the disease is now restricted umans and dogs and

transmitted only in peridomestic environments (Astf 2000).

The construction of a large dam in Sidi Saad, e¢nfunisia resulted in an
increase in gerbils, the reservoir foe. major This was due to irrigation and
the production of the gerbils main plant food sewtriplex (grazing of sheep).
This gerbil population increase was later followmeg an epidemic of CL
(Desjeux, 2001).

Globalisation and the increase of business an@éational travel has resulted in
more people going to endemic areas, becoming edeend returning home in
short time periods. Increased numbers of leishrsai@ases have been
reported in travellers worldwide, including Austsal(Antinori et al, 2005,
Starket al, 2008).

Immunosuppression is another driver for the ina@eas incidence of
leishmaniasis in southern Europe. Initially zooodfL caused by e. infantum
was only seen in rural areas but is now spreadifg fmore suburban areas.
Increased numbers of cases have been seen iniesusiich as France, Italy,
Spain and Portugal where the disease was previoady This increase is due
to HIV/Leishmaniaco-infection and the immunosuppression associatigd w
the virus leaving patients more susceptible to atise The increased
transmission is highest among drug addicts and isuggested the use of
contaminated syringes may be the main route ofsimggsion (Desjeux and
Alvar, 2003, Molinaet al, 2003). Immunosuppression can also change the

clinical outcome of infection with differeriteishmaniaspp. For example, HIV
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patients infected withe. braziliensigpresent with exacerbated visceral disease,
rather than the initial CL (Shaw, 2007).

1.7.3. New reports of leishmaniasis in South-east A sia

Although leishmaniasis has not been considered ldigphealth problem in
south east Asia, there are have been recent repbttaman VL and CL in

countries of the region.

In 1999 46 cases of CL were reported by the Inteynal Force for East Timor

during its deployment for the conflicts in Timordte. These infections were
diagnosed by microscopic examination of skin lesiobesion development

was observed over 1-3 months, but the causativet ages not determined and
there appears to have been no further investigationthese reports or on the
aetiology of the disease (Cheval@tral, 2000).

In 2006 the third known case of autochthonous V[lmiland was diagnosed
by microscopic examination of bone marrow smear€RPand direct
agglutination test. The causative species is cemsttto be possibly a new
species of eishmaniaas determined by sequence analysis of the sortalinst
rRNA ITS1 and miniexon genes. Some epidemiologsaiveys have been
conducted to determine the reservoir and vectotibAdy responses in eight
cats were shown but there was no confirmation div@dnfection. Vector
studies showed there were speciedPbfebotomusresent in the originating
area although infection studies were not done (®d@ehal, 2008).

In 2002, three cases of VL were reported in Vietrasna HIV co-infection
although there was no confirmation of the causaspecies (Keenihaat al,
2002). An epidemiological survey of antibody in ddgom the area suggests

they are not the reservoirs foeishmaniaransmission (Rosypeat al, 2009).

In Taiwan there have also been sporadic report€lgf confirmed using

microscopic examination, PCR and antibody test® Gdusative species was
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identified asLe. major The potential vector and reservoirs for thesesase
again unknown (Leet al, 2009, Wanget al, 2008).

1.7.4. The role of biodiversity

Anthropogenic change is an important driver for egeace and re-emergence
of disease through habitat destruction and oveuladipn, which may result in
loss of biodiversity. The existence of permissieetors and a sexual cycle in
Leishmaniahelps to explain why this species lifecycle isal@p of adaptation

when put under environmental stress.

Daszaket al. (2000) discussed the concept of ‘pathogen polutmd the loss
of biodiversity when diseases are introduced iveg@iopulations. He suggests
that pathogen pollution poses a substantial thteatglobal biodiversity,
referring particularly to threats of exotic intradions on wildlife health. The
best example is the amphibian chytridiomycosis.réom frogs, the disease is
caused by the fungusBatrachochytrium dendrobatidis Globally,
chytridiomycosis has resulted in mass eliminatidnfrog populations. It is
estimated that the disease is found in 15% of nwlaegered amphibian
populations and 60% of endangered species. Appairign200 species of frog
are believed to have declined or become extincttduke spread of the fungus
(Daszaket al, 2003, Skerratet al, 2007).

An alternative view is that increases in emergimigétious disease is a direct
result (rather than cause) of loss of biodiversitghford (2007) suggests that
emerging infectious disease is the environmentengit to fight back against
increased population pressure on landscapes anahttoeluced animals and
pests associated with it. These animals include cats, dogs and sparrows or
(from Australia’s perspective) introductions of eatoads, foxes and rabbits.
Ashford provides examples such as VL in Sudan whcavents people
entering the Dinder National Park during the traission season and African
sleeping sickness, which prevents the completertifesstion of east Africa by

cattle as a disease stabilizing factor. Whichevery vemerging infectious
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disease is viewed, it is becoming increasinglyrcteat human health, wildlife
health and biodiversity are intricately linked. Iragos all our efforts for disease
control or prevention should be centred on presgrbiodiversity, especially in
relatively intact and highly diverse areas suchthes tropical ‘Top End’ of

Australia.

1.8. AUSTRALIA, LEISHMANIA AND PROJECT OUTLINE

The discovery of CL in red kangaroos in the ‘ToplEregion of the Northern
Territory (NT) was completely unexpected and wasftrst and only report of
autochthonousg.eishmaniainfection in Australia. CL was diagnosed in 11 red
kangaroos, 10 were located at the Territory Wikdiark (TWP), a nature park
in the Darwin rural area approximately 40 km sooftibarwin. The remaining
unrelated red kangaroo was from another locatigmagimately 30 km away.
The animals had chronic, sometimes self-resolvkng Iesions on the ears, tails
and limbs (Figure 1.8). Diagnosis was made by pattwologic examination of
skin lesions, isolation of parasites from skin desi (culture) and sequence
analysis. Sequence analysis of the small subuMNARTS1, miniexon, fatty
acid dehydrogenase and the glucose-3-phosphatedgjgnase genes was
suggestive that the red kangalagishmaniawas an undescribed species (Rose
et al, 2004).
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Figure 1.8: Red kangaroo skin lesions

A) Ulcerative tail lesion and, B) thickened nodukesion on the ear.

Figure adapted from Roge al. (2004).

The presence of two major surface macromoleculdsehmaniaparasites,
LPGs and proteophosphoglycans on the promastigaigface, was
demonstrated using specific antibodids. vivo inoculation of Australian
Leishmaniainto BALB/c mice was attempted but was not sudtgst vitro
mouse peritoneal macrophage infectivity studiesewadso conducted, which
showed higher infection rates at 33°C compared7ttC3Roseet al, 2004).
This may be related to a predominance of lesioan sa the extremities of red

kangaroos with lower temperatures.

The finding ofLeishmaniain Australia highlights two important points. Flys

it displays there is a vector capable of transmigsior possibly there is
horizontal transmission between animals. An unjiketenario given we are
investigating CL, in which such a route for transsimn, has never been
reported. Secondly, it also shows Australia hasmald susceptible to
Leishmaniainfection, which could potentially be susceptilite an exotic
Leishmaniaspp. In fact, the susceptablilty of Australian suguials to exotic
Leishmaniawas studied in 1948. The study carried out in ®ydmperformed
artificial infections of Le. donovani into common brushtail possum
(Trichosurus vulpeculaand ring-tailed possunPéeudocheirus laniginosus
Of 25 artificial infections, at least 23 of the @mails became infected and length
of time to death varied from 81-704 days. The arghstated that these

Australian marsupials are highly susceptible toegxpental infection and it
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should not be overlooked that Australian marsupaldd behave as an animal
reservoir forLeishmaniaBolliger and Backhouse, 1948)

The research described in this thesis stems frameftiting and unexpected
discovery ofLeishmaniain Australia. The two major aims of the Australian
Leishmanidifecycle investigation are;

1) to identify the potential reservoir host(s) of AadianLeishmaniaand,
2) to incriminate the vector of Australidreishmania

The hypothesis - that the reservoir of Australizaishmaniais a local species
of macropod found at the TWP and the vector ofAbstralianLeishmanias a
phlebotomine sand fly.

Key outcomes from this thesis will help to deterenthe riskLeishmanigposes
to Australia and the potential risk that an exatitoduction of this parasite
could become endemic.

1.9. ECOLOGICAL DESCRIPTION OF THE DARWIN RURAL
AREA

Australian Leishmaniawas discovered in the Darwin rural area of the NT,
Australia. For the purpose of this study the Darwiral area can be classified
as anywhere within a 40 km radius of Darwin airp®arwin and the Darwin
rural area covers the entire Darwin Harbour catetiméhich can be divided
into the four sub-catchments Howard River, ElizalRiver, Blackmore River
and the minor creeks and streams of the West Arth\&nods Inlet (Figure
1.9). Areas in northern Australia that lie betw&€h50 m above sea level and
extend 100-200 km inland from the coast are knosvtha monsoonal lowlands
(Hayneset al, 1991). Monsoonal lowlands are characterised Oigtnct ‘dry’
season (April-October) and a ‘wet’ season (Noverddarch). The average

annual rainfall at Darwin airport is 1700 mm ane tmean monthly rainfall
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ranges from 410 mm in January to less than 5 mthammonths of June, July
and August (Haig and Townsend, 2003). Year roungirmim and maximum
temperature averages range from 23°C to 32°C owrdhst and 22°C to 34°C
for inland areas (Haynet al, 1991). A major factor that affects the landscape
in the monsoonal lowlands is fire. Throughout the skason fire is a frequent

event and clears out overgrown vegetation proddceithg the wet season.

The monsoonal lowlands have extremely diverse laystems and habitat

types, which can be divided into five categories:
1) Coastal sands and tidal mudflats (saline wetlands),
2) Coastal flood plains (freshwater wetlands),
3) Sub-coastal well-drained lowlands,
4) Rocky substrates, mainly sandstone plateau outliers

5) Various niches, generally fireproof within the abohabitats with

pockets of monsoon forest and rainforest (Hawted, 1991).

Most of the Darwin rural area fits into categoryeth known as “open savanna
woodlands and woodlands”. Open savanna is domirtatddlarwin woollybutt
(Eucalyptus miniatg stringybark E. tetrodontd and a sorghum grassland
understory. Woodland areas again feature woollyaatt stringybark, along
with Smooth-stemmed bloodwoo€d@rymbia bleeseyiand Sorghum There
are also large areas of mangroves and samphiremaalier areas of monsoonal
vine forest (Woodwaret al, 2008).

The vertebrate fauna of the monsoonal lowlands asiptex with a rich
diversity of birds, fish, amphibians, reptiles amtammals which varies
according to habitat. The open savanna woodlarelsienest in the terrestrial

species of reptiles, birds and mammals (Hawted, 1991).
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Figure 1.9: Catchments of the Darwin Harbour region

Darwin and rural Darwin are located in the Darwarldour catchment. The
yellow stars mark the approximate location of tM&F and the unrelated red
kangaroo with CL. Figure adapted from (Haig and msand, 2003).

Characteristic terrestrial vertebrate species foundpen savanna woodlands
include the frilled lizard Chlamydosaurus kingii the tree monitorsMaranus
tristis andV. scalarig, fawn antechinusAntechinus bellys black-footed tree-
rat (Mesembriomys gouldji antilopine wallaroo, red-tailed black-cockatoo
(Calyptorhynchus bank3ji northern rosellaRlatycercus venustyspartridge

pigeon Geophaps smithii and the black-tailed treecreepeCli(nacteris
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melanurg. The floodplains also provide an important habita many other
species, reptiles and amphibians such as death rsad@eanthophis
praelongu$, the large goannaV@ranus panoptgs crocodiles Crocodylus
porosu3, long-necked turtlesGhelodina spp, many frog species, marsupials
such as the common planigalBlgnigale maculatg and birds such as the
brolga Grus rubicundul pratincoles and many waders (shorebirds)
(Woinarski, 2009).

Exotic introductions of feral animals such as blaff@ubalus bubalisand pigs
(Sus scrofphave drastically affected the monsoonal lowlaadss northern
Australia. In addition, the recent march of theraduced cane toadB(fus
marinug westwards from Queensland has had an adversg afidocal fauna.
Nevertheless the ‘Top End’ of the NT remains (fawh one of the most

diverse and relatively intact ecological systeneswiorid.

1.10.CONTRIBUTIONS TO THIS THESIS

I have conducted the work presented in this thaslisss otherwise stated in the
methodology. In the final year of research, cadigdtl/laboratory assistants
were employed to assist with day-feeding midge ectibns and DNA

extractions.
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2. ONGOING CASES OF CUTANEOUS LEISHMANIASIS
IN MACROPODS FROM THE NORTHERN
TERRITORY

2.1. INTRODUCTION

Since the initial discovery of CL in introduced tgp red kangaroos at the
TWP, all members of this species in the park hawave symptoms of the
disease. Red kangaroos are not native to the toastesoonal lowlands and
are poorly adapted to the humid tropical environtmEor this reason, animals
euthanased due to old age, leishmaniasis or othedittons are no longer
replaced by TWP authorities. When this investigatlegan in July 2006, there
was only one red kangaroo remaining on the parkthi ‘Woollybutts’
enclosure. This animal (an adult female) was ewtbas in September 2006
due to age-related health problems. At the timdeaith the kangaroo had mild
symptoms of leishmaniasis, importantly indicatindhatt Leishmania
transmission was still occurring. As previously memed in section 1.8, the
TWP is a nature park located in the Darwin ruraaaapproximately 40 km
south of Darwin. It houses captive animals founthbocally and across the
‘Top End’ of the NT. Specially, other macropods gaet at the park include
agile wallabies NI. agilis), antilopine wallaroos M. antilopinug, northern
wallaroos M. robustus woodwardii black wallaroo K. beranrdu$ and
northern nail-tail wallabies@nychogalea unguifeja The park itself will be
detailed in section 4.2.1.

There have been no reports of human infection \Aistralian Leishmania.
However the majority of well-characterisdceishmania species do infect
humans, although this probably reflects a bias twethe public health
significance of human parasites. There are numerotier incidental

discoveries of non-human infectirigeishmaniaspp. such as those from the
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Neotropics. Examples includee. (L.) enrietti(hamster/wild host unknown),
Le. (L.) hertigi (porcupine),Le. (L.) deanei(porcupine),Le. (L.) aristidesi

(rodents)Le. (L.) forattini(opossum)Le. (V) equatorensigsloth, squirrel) and
Le. herreri(soth) (Lainson, 1997).

Related non-human infecting species also includeninees of the subgenus
Sauroleishmania which infect reptiles rather than mammalse., Sa.
hoogstraalj Sa. tarentolagSa. adleriand Sa. gymnodactyliThese are now
thought to have evolved from the mammal-infectipgaes and there has been
some discussion about whether they in fact shoelddsigned to there own
genus (Croaet al, 1997, Noye®t al, 1998).

Non-human infectind.eishmaniaspecies are not a priority for research, but as
the areas in which they occur undergo deforestati@hbiodiversity loss due to
increasing human populations and urbanisation, timay cross the species
barrier. Furthermore the assumption that theseiespeannot infect man is not

always based on the results of either surveillameperimental inoculations.

In this chapter we describe ongoing cases of Ch seenacropods at the TWP
caused by the non-human infecting Australi@shmania The techniques used
for diagnosis, including.eishmaniaculture, cytology, histology, serology and
real-time PCR detection dfeishmaniaDNA within host tissues are detailed.
Sequencing of the miniexon and RNA polymerase siibugenes was carried
out to confirm Leishmaniaspecies. Evolutionary comparisons using these
sequences of NT isolates have led to some integestisights into the
evolutionary position of Australiabeishmaniarelative to other species within

the genus.
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2.2. METHODS

2.2.1. Ethical approval

Ethical approval for this study was obtained froime tCharles Darwin
University Animal Ethics Committee (Ref. A04027)nifals approved for
sample collection included reptiles, small mammibdds, wallabies, wallaroos,
possums, quolls, bandicoots, mice and rabbits. wdtk involving genetic
manipulation was approved by the Office of the GEaehnology Regulator.

2.2.2. Sample collection and storage

Samples of blood and tissue were collected fromrapazls showing skin
lesions consistent with those causedlUgyshmania This was done either by
manual restraint (blood only) or anaesthesia watopeed by a veterinarian
via remote injection (blood and lesion tissue). Blas from the spleen, lymph
node, liver and kidney were also collected frommais being euthanased for

other reasons.

Blood samples were collected into serum BD vacetai® (Becton, Dickson
and Company, Franklin Lakes, NJ, USA) and storedterfor transport to the
Menzies School of Health Research (Menzies) laboyafThe blood samples
were centrifuged for 10 min at 2000 rpm. Aliquofsserum were stored at -
20°C.

Tissue samples collected for DNA preservation wenaersed in 70% ethanol
and stored at 4°C. Tissues samples collected kippathologic examination

were preserved in 10% formalin and stored at rcamperature.

For Leishmaniaculture, lesions were prepared by thoroughly dlegathe area
with iodine and 70% ethanol to prevent culture aomhation. The lesions,
spleen and lymph nodes were aseptically colleateldpat into either the liquid
component of Novy-MacNeal-Nicolle (NNN) medium onggr NNN solution

(below) and stored on ice for transport to Menfoeulture preparation.
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2.2.3. Leishmania culture

A biphasic NNN culture medium was used to cultueeshmanigpromastigotes
(Nicolle, 1908). The liquid component contained 10%at inactivated foetal
bovine serum (Gibco®, Invitrogen Australia Pty Lied Mulgrave, SA,
Australia), 100 g/mL penicillin-streptomycin, 250 g/mL gentamicin, 2.5
g/mL hemin, 2.4 g/mL biopterin (Sigma-Aldrich Pty. Ltd, Sydney, N&
Australia) in M199 culture medium (Gibco®). The idohgar contained 2.5%
Difco™ minimal agar Davis (Becton, Dickson and Camyp), 1% peptone
(Oxoid Australia Pty Ltd, Adelaide, SA, Australi®).3% Bovril (Unilever Best
UK, Crawley, UK), 0.5% NaCl and 10% defribrinateabbit blood (IMVS

Veterinary Services Division, Gilles Plains, Austaa

A super M199 culture medium containing twice thenantration of foetal
bovine serum, hemin and biopterin was also usedit@lly collect lesion
samples to provide extra nutrients. After transporthe laboratory, tissue was
then transferred to biphasic NNN culture medium.

Tissue samples were placed in 50 mL flasks comtgithe biphasic NNN
culture medium and incubated at 26°C (7 mL solidrd® mL M199 culture
medium). Cultures were checked every 2-3 days tatiomary phase growth
and passaged as necessary. If no viable organisaid be detected by day 7
then cultures were discarded. During passage, 9fntulture was removed
and centrifuged for 10 min at 2000 rpm, the peilas washed 3 times with 1 x
phosphate buffered saline (PBS) and resuspendé&dnmih of 1 x PBS. Cells
were counted using a haemocytometer and then stré&0°C for future use.
Unwashed pelleted cultures were stored down inidiguitrogen in 10%
dimethyl sulfoxide (Sigma-Aldrich) and 10% foetabvine serum. The
remaining 1 mL culture was diluted to 10 mL using99 culture medium for

continuing culture.
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2.2.4. Preparation of soluble Leishmania antigen and mouse anti-

Leishmania 1gG production

The soluble_eishmaniaantigen (SLA) was prepared using 1 mL of 1 /a0

of promastigotes. The 1 mL washed culture was &¢bawed five times by
freezing on dry ice or at -80°C and thawing in &@Water bath. After the final
thawing the solution was centrifuged for 10 min2@00 rpm, after which the

supernatant was collected and 1Q@0aliquots were stored at -80°C.

SLA was used for ELISA or sent to the InstituteMédical and Veterinary
Science, Adelaide for polyclonal antibody produetio mice.

2.2.5. Indirect ELISA to detect antibodies against Australian
Leishmania using anti-kangaroo 1gG

The anti-kangaroo IgG ELISA was set up as follo®kA was coated to a 96
well plate at a 1/200 dilution in 50 mM carbonatgfér at pH 9.6 and left
overnight at 4°C. Plates were washed three timés &D5% Tween 20 in 1 X
PBS and then dried at 37°C for 15 min. Antigen-edgilates were then sealed
in plastic wrap and stored at 4°C until use. Thetgpwas then blocked with
blocking buffer (3% bovine serum albumin (BSA) &40 Tween 20 in 1 X
PBS) (Sigma-Aldrich) for 1 hr at 37°C. The primgsgrum), secondary (rabbit
anti-kangaroo 1gG) and tertiary (anti-rabbit 1gGjtibody were diluted using
blocking buffer and the incubation period was fohrlat 37°C. Serum was
applied at a 1/600 dilution. Bound serum IgG wamntlletected using rabbit
anti-kangaroo 1gG (Bethyl Laboratories, Inc., Manery, USA) at a dilution
of 1/20 000, the bound rabbit IgG detected usingrabbit IgG conjugated to
horse radish peroxidase (Promega, Alexandria, N®\stralia) using a
dilution of 1/4000. Plates were washed 3 times Wit5% Tween 20 in 1 X
PBS between each binding step and 4 times befdeetdmn. Anti-rabbit 19G
binding was detected using 3,3',5,5’ tetramethy#igdine substrate for ELISA
(Sigma-Aldrich). The reaction was stoped with 1 MIHafter 5 min and
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absorbance was measured at 450 nm using the BIO-RWoplate reader
(model 680).

Each plate contained seven control sera to starsgafor plate-to-plate assay
variation. The positive controls were from confianeases of CL in a red
kangaroo and a northern wallaroo and Protein A BLpSsitive serum from an
agile wallaby, a northern nail-tail wallaby andamtilopine wallaroo located at
the TWP (Dougalkt al, 2009). Negative control serum were from a common
wallaroo (M. robustu$ and an agile wallaby originating from Taronga Zoo

Sydney, New South Wales and kindly supplied byKarrie Rose.

A sample-to-positive ratio (S:P ratio) was usednalyse kangaroo IgG results.
Positive samples from each animal species were tsatrmalise the raw

absorbance for each unknown sample of the samésgeam the same plate.

2.2.6. Histology and Cytology

All histological and cytological preparation wasrrgad out by Berrimah
Veterinary Laboratories (BVL), NT Government. Imgs@®n smears were
prepared from lesion tissue by dabbing cut lesissue onto a microslide and
staining for amastigotes using Diff-quik® stainskilogical preparations of the
affected skin from the northern wallaroos were pred using standard
methodology for formalin fixed specimens and 5 pmck sections were

stained with haematoxylin and eosin.

2.2.7. Immunohistochemistry

The polyclonal mouse anttieishmaniaantibody raised against Australian SLA
(section 2.2.4) was used in an immunohistochemdgtgction assay. The BVL
provided cut slides to test and optimise the imnmistochemistry method.
These slides included positive control lesions froorthern wallaroos (ID:
2007/1139 and 2007/1233) and slides to test fobadiy cross reactivity. Cross

reactivity slides included nodular skin from anpiloe wallaroo consistent with
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early stages of viral papilloma (ID: 2007/1284),ilegwallaby dermal

inflammation from sarcoptic mange (ID: 2008/1268)¢ectacled hare wallaby
(Lagorcheses conspicillatuswith toxoplasmosis (ID: 2004/0924), agile
wallaby with intestinal coccidiosis (ID: 2005/054&)nd tissue from a

barramundi fishl(ates calcarifey with trypanosomiasis.

Slides were de-waxed for immunohistochemistry bgirg twice in a histolene
bath for 5 min, an absolute ethanol bath for 2 and then a 95% ethanol bath
for 2 min. Endogenous peroxidase activity was bdockising 3% bD »/1%
BSA in 1 x PBS for 20 min. Slides were then blockeihg 10% goat serum
(Sigma-Aldrich)/1% BSA in PBS for 1 h. Mouse ah@ishmaniaantibody was
bound to tissue sections at a 1/2500 dilution fordn. Slides were washed
between binding steps using 0.05% Tween 20 in 1BS&.PDetection of
antibody binding was carried out using the EnViSie®ual Link System-HRP
(DakoCytomation Inc, Capinteria, California, USA9 per the manufacturer’s
specifications using 3 min incubation in the suddstichromogen. These slides
were then counterstained with haematoxylin for higbwer microscopic

examination.

2.2.8. DNA extraction

DNA extraction on tissue including skin lesionslegm, lymph node, kidney
and liver was carried out using the Qiagen DN&aBjood & Tissue Kit
(Qiagen, Doncaster, VIC, Australia) following theanufacturers protocol for
the purification from animal tissues. Up to 25 nigissue was used for each
extraction. DNA was eluted by using a final volume200 L AE buffer
(Qiagen), which was run through the column twickisTresulted in a final
elution volume of 180-200L.

The Wizar® Genomic DNA Purification Kit (Promega) was alscedisfor a
limited number of tissue DNA extractions followinthe manufacturer’s
protocol. DNA was eluted using 200 pL DNase fregewgrovided in the Kkit,

which was run through the column twice as in QiaD&® extractions.
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DNA extractions from culturetleishmaniapromastigotes were also prepared
using the DNeasykit. After washing cultured cells three times i IPBS,
DNA was extracted from 200L of culture using the cultured cells protocol
(starting at step 1c) and eluted in volume of 20®f AE buffer.

The DNA extraction concentration and purity was swead using the

GeneQuant Pro™ spectrophotometer.

2.2.9. Australian Leishmania real-time PCR

The miniexon gene dfeishmaniawas chosen as a target to detemshmania
genomic DNA in tissue samples. This Kinetoplaspedfic gene is known to
be involved in transplicing processes of nucleaNARand is present in 100-
200 tandemly repeated copies per genome (Fernaidds 1994, Marfurtet
al., 2003a). A Tagman real-time PCR specific to thestAalian Leishmania
miniexon was developed for the detection methoduifé 2.1). The primers and
probe were designed using the Genbank miniexonesegu(AY495831) of
AustralianLeishmanigRoseet al, 2004), with the assistance of the web based
Primer3 software (Rozen and Skaletsky, 2000) (Miitpdo.wi.mit.edu/cgi-
bin/primer3_www_cgi. The primers rooME-F2 5'-
AAACTTCCGGAACCTGTCGT-3 and rooME-R2 5'-
GTAGGCACCCGAAGAGACC-3’ amplify a 100 bp product atlte Tagman
probe LeishME 5'd FAM-CCGGCAAGATTTTGGGAGCG-BHQ-1 3Jies
adjacent to the forward primer and is suppressethbyBlack hole quencher

(Biosearch Technologies Inc., Novato, USA).
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Figure 2.1: ClustalW alignment of the 5’ end of theminiexon gene.

The positions of the primers are shown in blue thedTagman probe is shown
in red. Genbank accession numbers are as follow49B8831 (Australian
Leishmanid, X04378 (e. enriett), X69449 (Le. majo), AY155508 (e.
mexicand, LO5000 (e. amazonensgisAY 155503 (e. infantunj.

The reverse primer (rooME-R2) is considered specifor Australian

Leishmaniasp. It is located in the variable non-transcribegion of the

minexon gene and it does not match with ottesshmaniaspecies, therefore it
is unlikely to bind (Figure 2.1).

Reactions were carried out in duplicate using 1lxitlagen™ Platinun?
Quantitative PCR SuperMix-UDG (Invitrogen, Mount Vealy, Australia)
using 0.3 puM of primers and 0.05 uM Tagman probeg8arch Technologies

Inc., Novato, USA). MgGlwas used at a final concentration of 6 mM with the
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addition of 1 x Q-solution (Qiagen). DNA was mixedat (2 L) in 10 L
reactions in a designated room for PCR set-up tadapotential PCR product
contamination. In addition, real-time PCR is aseld tube system thus
avoiding potential laboratory contamination. PGRIling was 2 min at 50°C, 2
min at 95°C followed by 35 cycles: 15 s at 95°C 48d at 60°C acquiring to
cycling A Green using the Rotor-Gene™ 2000 or 6(D0rbett Life Science,
Sydney, Australia).

A standard curve was included in every run usingstfalian Leishmania
genomic DNA derived from culturedeishmania This was made up of serial
dilutions 10'~10° in H,O. The standard curve was performed in each run to
monitor inter-assay variations and to estimatepdu@site numbers for positive
samples. Figure 2.2hows the standard curve frdmishmaniagenomic DNA

at a starting concentration of 3.2 ng per reactiggative no template controls

(dH20) were also used in each run.

Figure 2.2: Australian Leishmaniagenomic DNA real-time PCR standard
curve.

Rotor-Gene software standard curve based on knonwcentrations of
genomic DNA in serial dilutions from 0o 10°®. The X-axis is the
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concentration and the Y-axis is the cycle thresli@Gl). Inset shows the
measures used for the calculation of reactionieffizy.

Table 2.1: Estimates oLeishmaniainfection using real-time PCR.

Parasite concentrations were calculated usingtémelard curve shown in
Figure 2.2

Infection CtRange  pg/reaction parasites/DNA extraction
status

High 19 >3.8x 10 >3.5x 16

Medium >19-25 3.8-3.8x1d 345-35x 19

Low >25- 32 0.04-3.8 30 - 345

2.2.10. Real-time data analysis

The Rotor-Gene™ -Gene 6000 software version 1.ThEbLife Science) was
used to produce the standard curves and calcudatdion efficiency of each
run. The fluorescent threshold for cycle thresh@@t) determination was
chosen at 0.05 of the normalised fluorescence. Pphisit consistently lay
within the exponential phase of amplification abotke background
fluorescence of negative template control. A ciitfof a positive infection was
determined as being equivalent to 1 parasite peA Biraction. The Ct value

for this will vary depending on the standard cuiwat, usually was > 35.

The real-time PCR is semi-quentitative and estimdtg the numbers of
parasites within a DNA extraction can be made. Nemnlof parasites were
calculated based on assumptions usingltiemajor haploid genome. For a
diploid genome, 33.6 Mb, which equates to 72.5 fglus another ~15%
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kinetoplast DNA (~10.9 fg) so that 1 parasite ~488) (Ranasinghest al,
2008, Smithet al, 2007). If one parasite is detected in 2 uL temepl2NA this
will be equal to 80 -100 parasites per DNA exti@tteluted in 180-200L.
Infection status was graded as being high, mediutove (Table 2.1). Variable

ploidy was not accounted for in these calculations.

2.2.11. PCR, sequencing and analysis of the miniexo n and

RNA polymerase Il largest subunit gene

The miniexon and RNA polymerase Il largest subgaites were employed for
species confirmation of newly diagnosed cases of ®le RNA polymerase |
largest subunit gene was also utilised for phylegenanalyses to determine
evolutionary relationships of Australiaheishmania to other Leishmania
species (Croan and Ellis, 1996, Crearal, 1997).

Published primers for the miniexon, Fme 5-
TATTGGTATGCGAAACTTCCG-3'and Rme 5'-
ACAGAAACTGATACTTATATAGCG-3' were used for amplificgon
(Marfurt et al, 2003b). 1 L of DNA, was used in a 25L reaction containing a
final concentration of 1 x PCR buffer (Qiagen), @ each primer, 6% DMSO
and 1U of Tag polymerase (Qiagen). Thermocyclingsied of 35 cycles of
95°C for 30 s, 52°C for 30 s and 72°C for 45 dpfeed by a final extension of
72°C for 2 min. This produced a 499 bp productXustralianLeishmania

The published primers RPOF1 5-GACACAGCCGTCAAGAC&d RPOR1
5-GCAGCCGCACAATGCGCT-3" were used to amplify the&NR polymerase

Il large subunit gene (Croaet al, 1997). Buffer, primers and Taq polymerase
concentrations were as per miniexon PCR without atidition of DMSO.
Thermocycling was adjusted to 40 cycles of 95°C30rs, 56°C for 30 s and
72°C for 1 min. This produced an approximate 13QG6 groduct from

Leishmaniaspecies.

No template control reactions were included in bB@R’s above to monitor

for possible laboratory contamination.
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PCR products were purified using the QIAquick® P@®&ification kit. All
samples were quantified prior to sequencing wite tBeneQuant Pro™
spectrophotometer or by running small aliquots garase gels in comparison
to the Generuler 100 bp ladder™ (MBI Fermentas, ditgion, NSW,

Australia).

Automated fluorescent sequencing was performed hgsdnce North
Australia (Charles Darwin University, Darwin, NTustralia) or by Macrogen
Inc. (Seoul, Korea). Chromatograms were viewedeattbd using ChromasPro
software  (www.technelysium.com.au/ChromasPro.htmlContigs  were
assembled using either DNASTAR(Lasergen® v8.0, Madison, USA),

BioEdit (Hall, 1999) or the ChromasPro softwareq@®mce matches were

found by querying sequences against Genbank udidgBn (Altschulet al,
1990).

2.2.12. Phylogenetic analysis

Twenty-three sequences were downloaded from Genlianlevolutionary
comparison of the AustraliaheishmaniaRNA polymerase Il large subunit
gene (GenBank submission: 1373357). These were ®EB (e. adleri),
AF009154 [e. amazonens)s AF009155 [e. braziliensig, AF009156 Ie.
deanej, AF009157 [e. donovar), AF009158 Endotrypanum monterogeii)
AF009159 [e. gymnodactylj) AFO09160 ILe. herreri) AF009161 Ie.
hertigi), AF009162 [Le. hoogstraali) AF009163 [Le. major) AF009164 Ie.
mexicana) AF009165 [(e. panamensis) AF009166 Ie. tarentolae)
AF009167 Le. tropica), XM_00146758 I(e. infanturm), AF151727 Ie.
enriettii), AJ304947e. gerbilli), AJ304946 I(e. turanicg, DQ383651
(Leptomonas costaricen$isDQ383655 I(e. equatorens)s AF338253 I ep.
seymourj and AF326982Leishmania spMHOM/MQ/92/MAR1).

Sequences were trimmed down to the size of thetedtodownloaded DNA
sequence of 745 bp (AF326982) using the BioEditwsok, and then aligned

using clustalW (Thompsoet al, 1994). The clustalW alignment based on the
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DNA sequences containing indel was then importéd the MegAligd", an
alignment program part of the DNASTARsequence analysis software
(Lasergen® v8.0). A rooted phylogenetic tree was then mademfrthe
clustalW alignment methods in MegAlifh MegAlign™ uses distance
matrices under the Kimura 2-parameter model totcoctsa neighbour joining
tree. Bootstrapping was then performed to testehability (n = 1000) of tree
branching. MEGA version 4 was used to view the phylogenetic treage
(Tamuraet al, 2007).
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2.3. RESULTS

2.3.1. Symptoms of CL seen in northern wallaroos, a black

wallaroo and agile wallabies.

Skin lesions suggestive of CL were observed intagptive northern
wallaroos. The appearance of symptoms was repbytathaff in August-
September 2007 at the TWP. The animals had begaptivity for nine years
before being diagnosed with CL. The lesions wecatied distally in areas
concentrated on the tail, inner forearms, hind kegs ears. Grossly, lesions on
the limbs and tail appeared as focal to coalesgig2cm diameter areas of
thickened skin or raised variably encrusted ornalitee pale nodules as shown
in Figure 2.3A. On the ears, lesions primarily ilweal the distal margins of the
pinnae, which were irregular in outline, mildly shem and variably encrusted.
The severity and number of lesions varied amon@tfeeted individuals. The
symptoms for each animal are described in Table2d?listed in order of
decreasing severity. The methodslfershmaniadetection are also listed.
Interestingly, lesions in two animals were obsergadhe cloaca, evidence of

mucosal infection.

In March-April 2008 symptoms of CL were seen in theck wallaroo and two
agile wallabies. The black wallaroo had been irtigayp for four years before
showing clinical signs of CL. The animal exhibitedions on the ears similar
to the appearance in the northern wallaroos. Itdmadll nodular lesions around
the eyes, again indicating possible mucosal invokmt of the parasite. Small
round variably-encrusted discolouration was alsensen the nose and inner
forearms of the animal. Lesions on the ears, egdsnase were visible from a
distance (Figure 2.3A).

There appears to be no association with the appearaf the lesions with
season, age and sex. Lesions were seen both endhaf the dry season and in
the monsoonal wet season, the age of animals vaneédboth male and females
were diagnosed with CL. Information regarding thenily relationships was

not sort for the this study.
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The agile wallabies had similar symptoms. In onenahthe edges of the ears
were thickened lumpy and alopecic (Figure 2.4B)diNar lesions were also
seen on the hind legs of this animal. The secorthimaappeared to have less
severe symptoms, limited to the ears. Hair loss slight with slight swelling
along the edges. Small round pale dry flaky lesiaese also visible. The
animals were juveniles about 2 years of age andlwh at the TWP for
approximately 1 yearlesions have subsequently healed in these agile

wallabies.
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Figure 2.3: Northern wallaroo cutaneous leishmanias.

A) Medial hock of a northern wallaroo depicting nipie smooth nodules (arrows) and one ulceratedeacdusted lesion
(arrowhead), scale bar 1 cm. B) Impression smean & northern wallaroo skin lesion depicting faufected macrophages among
lymphocytes and cellular debris. Arrows point teefLeishman amastigotes, each with round nucleus and sindiek shaped
kinetoplast, scale bar 10 um. C) Histological secbf skin lesion from a northern wallaroo depigtmarked deep dermal infiltration
with macrophages resulting in expansion of the deeand obliteration of normal dermal structureghie lower right portion of the
figure, scale bar 200 um.(Image - Cathy Shilton LBV



Northern Symptoms Culture Cytology  Histology Real-time PCR &rology
wallaroo
Adult S”_}ar nod;;lar lesions sdeen Positive from lesi Positive from lesions Positive
tail, legs, fore arms and ears. Positive from lesions ' ... Positive on ears, tail, legs.
ID: 373 Large lesions (some on tail and legs
ulcerative) on tail and cloaca
Adult Nodular lesions small to large Positive from nodular Positive
on ears, tail, legs and No sample No sample  Not tested lesions on ears, tail
ID: 9 forearms and leg.
Adult Nodular lesions small to large y__... L .
on ears, tail, legs and Posﬂ;ge {;Zrigr?;r and Positive Positive Pozlﬂgeezn:izzun;de Positive
Adult Small nodular lesions tail and . Positive for ear, leg "
. . Positive from ear . Positive
legs, raised inflamed ear ) No sample  Not tested lesion, spleen and
ID: 10 ; tissue
margins lymph node.
Adult Uneven or inflamed raised earPositive from cloaca Positive from ear. tail .
margins. Inflammation of the and ear. Negative for No sample  Not tested : ’ Positive
ID:990096 N lesion and cloaca
cloaca tail lesion
Adult Various small nodular lesions .
and raised inflamed ear No sample No sample  Not tested Not tested Positive
Adult Various small nodular lesions Not tested .
and raised inflamed ear No sample No sample Positive Ear Positive
Adult _ , "
D: 40118 Uneven or raised ear margins No sample No sample t teNted No Sample Positive

Table 2.2: Summary of northern wallaroo clinical sanples.
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Figure 2.4: Symptoms of cutaneous leishmaniasis macropods.

A) Black wallaroo with nodular lesions around tlyeg and on the nose. Flaked
discoloured skin on the fore arms and inflammatibthe ears can also be
seen; B) Inflammation of agile wallaby ear illusiing lumpy thickened skin

and alopecia.

2.3.2. Cytology, histology and immunohistochemistry of northern

wallaroo lesions

In the northern wallaroo index case ID 373 (alsostmeevere), amastigotes
were seen by microscopic examination of Diff-quikéained impression
smears of lesions (Figure 2.3B). Abundamsishmania spporganisms were
observed within the macrophage cytoplasm and freethe background.
Histological examination of the affected skin frdiis animal is shown in

Figure 2.3C. Lesions were characterised by modeocatearked infiltration of



the superficial and/or deep dermis with macrophagastaining abundant
amastigotes. Moderate numbers of plasma cells yangHocytes intermingled

with macrophages were present in the dermis atiteahargins of lesions.

Immunostaining results for the severe index caghasvn in Figure 2.5A. The
brown staining shows the mouse dmtishmaniaantibody recognition of
Australian SLA. In the negative control mouse pleell serum, (Figure 2.5B),
unstained amastigotes can be seen indicating btilekground binding. The
mouse antl-eishmaniaantibody was also shown not to cross react with th
closely relatedl'rypanosomaspp. (Figure 2.5C) it also did not cross reachwit
the other control slides (images not shown), intthgaat least that the assay is

genus specific.
2.3.3. Leishmania culture from northern wallaroo

AustralianLeishmanigoromastigotes were cultured from a total of faviected
northern wallaroos (Table 2.2). Cultures were isaldrom ear tissue (3), tail

lesions (1), leg lesions (2) and cloaca (1).

2.3.4. 1gG response to Australian Leishmania in acute infection

A total of 15 northern wallaroo serum samples wested using the Australian
LeishmaniaELISA. In addition, four sera from three black l&abos were

assayed. Negative control serum was used from ¢@mmon wallaroos

originating from Taronga Zoo (Sydney, New South &galand the cut-off for a
positive sample was determined from the mean + 86he known negatives
(0.278).

61



C

Figure 2.5: Immunostaining using mouse antl-eishmaniaantibody.

A) Northern wallaroo skin lesion section stainethwnouse anti-eishmania
antibody. Amastigotes stained brown as indicatethbyarrows. B) Northern
wallaroo skin lesion stained with non-immunisedtcoirmouse sera. C)
Section of barramundi trypanosomiasis stained mitluse anti-eishmania
antibody, arrows indicate individual'fypanosomap.) flagellates.

All the data points for northern wallaroos above theofuline are from
animals displaying symptoms of CL (Figure 2.8hose shown inblue are four
three separate serum samples from animal ID 83Zh2. first sample was
taken in 1998 and is seen below the cut-off linee B:P values above the line
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were samples taken in 2007 and 2008. Samples engeee from animal 1D
970181 taken in 2007, 2008 and 2009. The two atherples seen below the
cut-off are from northern wallaroos located at TW&/P and were collected in
2005 and 2006, at which point no symptoms werertestb The S:P mean of
the northern wallaroo group was found to be sigaiitly higher than the

negative control group, (P=0.005).

Antibody responses for serum collected from thelblaallaroo with clinical

CL is shown by the orange square data points. Tilmaa exhibited symptoms
for CL at both collection time points. The othemgdes are from a black
wallaroo in 2006 (just on the cut-off line) and wvgnile black wallaroo in
2007, both located at the TWP, and in which noiciihsymptoms were

observed for either animal.
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Figure 2.6: The S:P ratio of northern and black walaroo 1gG responses to
solubleLeishmaniaantigen

The thick solid horizontal line indicates the ciit-@alculated as the mean, plus
3 SD (0.278) of the negative serum. Data pointeénsame shade represent the
same animal on a different collection date. Themfeaeach group is

indicated by the horizontal lines.
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The serum IgG response was also measured in thagiowallaby CL cases.
The serum responses using anti-Kangaroo 1gG ELI&Ashown in chapter 3
(Figure 3.2). Only one of these animals (red) shtbagositive S:P response
above the cut-off. This result was for a sampldectéd in March 2008 when
the wallaby was showing CL symptoms. In January820@ antibody response
was negative for this animal as seen in red belaicut-off line. This suggests
there was no active infection at the time or pt@mitial infection, which was
supported by a negative real-time PCR result inetlretissue sample taken on

the same day.

2.3.5. Real-time PCR detection of Australian  Leishmania parasites

AustralianLeishmaniaspecific real-time PCR was developed in this sttaly

detect and estimate parasite load in infected ésgliable 2.3). The detection
limit of the assay is between Ct 30-Ct 32. The &lues for ear tissue from
northern wallaroos were low, ranging from 10-15e3é& Ct values are beyond
the limits of the standard curve which starts at {Ot-15) (Figure 2.2). Based
on the genomic DNA standard curve calculationsehesues have extremely
high parasite load, up to 1.6 x°1per DNA extraction. The ear tissue from
northern wallaroo ID 990096 with a Ct-15, was esatied to be equal to 4.2 x
10° parasites per DNA extraction. As DNA extractionsrevtypically from 10-

25 mg of tissue, this equates to 168 000 paraséesng (in 25 mg). The black
wallaroo appeared to have lower parasitemia ame tivas even lower numbers

of parasites in ear samples from agile wallabies.

Variations from high to low numbers of parasitesraveseen in northern

wallaroo tail lesions, lymph node and spleen.
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MSHR ID Ear Tail lesion Lymph Spleen

Ct No. of parasites* Ct No. of parasites*  Ct No. foparasites*  Ct No. of parasites*
Northern wallaroo
373 10 1.6 x 16 12 4.0 x 10 - - - ;
9 14 6.9 x 16 27 1.3 x 16 - - - ;
990096 15 4.2 x 16 35 5.9 - - - ;
100952 12 3.6 x16 - - 26 2.6 x 10 Negative
10 11 4.5 x 10 - - 11 5.2 x 10 29 3.8 x 16
83212 14 8.2 x10 - - - ; ; ]
Black wallaroo
40028 19 2.3x 10 - - Negative Negative
Agile wallaby
70522 27 1.1x 16 - - - ; ; ]
70523 21 1.1x 10 - - - - ; ]

Table 2.3: Estimates of tissue infection.

*Determined using genomic DNA standards includedanh PCR.

Parasite numbers are calculated asq@ns2.2.10



2.3.6. Species confirmation wusing the miniexon and RNA

polymerase Il largest subunit gene

The miniexon was amplified and sequenced in thoegtharn wallaroos (Source
ID: 373, 990096 & 100952) and one agile wallaby5@®) using DNA from
either lesion or culture. This produced a bandhef éxpected size of around
500 bp. BLASTn analysis using partial sequences femch sample (255-397
bp) gave between 98-99% identities to the Genbaakg&roo miniexon
sequence AY495831. Small variations were seen & mlon-transcribed
variable region, this may have been a resultTafj or sequencing errors

because of the repitative nature of the region.

The RNA polymerase Il gene was amplified and segeeénusing DNA
obtained from the original kangaroo culture (MMAQJAR003/rool). A total of
1201 bp was sequenced (GenBank submission: 1373BRASTn analysis
revealed a closest match witle. enriettii (AF151727) showing 93% identity
over the full 1201 bp. The RNA polymerase Il wasoasequenced from two
northern wallaroo cultures (Source ID 9 & 373) edé partial sequences were
identical to the original kangaroo culture sequeagefirming infection with

the same Australiabeishmaniaspecies

2.3.7. Phylogenetic analysis of Australian  Leishmania

A phylogenetic tree was produced by the sequenalysia of RNA polymerase
subunit Il gene (745 bp) from 2ACeishmaniaspp., twoLeptomonasspp. and
Endotrypanum monteroge(iFigure 2.7). The latter two genera are closely
related to theLeishmania The tree branches have divided each taxonomic
Leishmaniacomplex based on the geographical location ofsjpecies, the
types disease of disease caused(CL, VL or MCL) tuedLeishmaniaspp.
natural host. (e.g. the subgersguroleishmaniglizard Leishmanid and the

Le. (Le.) hertigicomplex which infect sloths).

The phylogenetic tree gives similar branching obugps as seen by other

analyses using this gene (Croan and Ellis, 1996a@#t al., 1997, Yurchenko



et al, 2006). Strong bootstrap support for the monoploflye. (Le.) tropica
complex (Old World CL), thée. (Le.) donovantcomplex ( Old World VL) and
the Le. (Le.) mexican@omplex (New World CL). Lizard.eishmaniaspecies
also have 100% support form a separate group fibtnase above. Australian
Leishmaniaforms its own branch withe. enriettiiand the unclassified MAR1
Martinique strain from the French West Indies. Thisnching is highly

supported with a bootstrap value of 902 occurrence®f 1000.

There is little support for the branch of the. (V) braziliensicomplex (New
World, MCL), the nearest relation to the Australihaishmaniagroup, with
147/1000 bootstrap support. The next node alsocatels difficultly in
assigning the relationships of these two groups thed_e. hertigi complex
(New World, parasites of slothes). The supporttfes branching may have

been increased by using more distantly relatedrouggsuch as &rypansoma
sp.

The tree in Figure 2.7 has also included two spgeaé Leptomonas
(Kinetoplastid: Trypanosomatidae) as these speaies closely related to

Leishmania in particularLe. costariciensisisolated from the reduviid bug
Ricolla simillima(Heteroptera) (Yurchenket al,, 2006).
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977 Le. (Le.) major complex
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Figure 2.7: Leishmaniaspp. RNA polymerase subunit Il gene rooted
phylogenetic tree.

Phylogenetic tree inferred from a 745 bp clustaliynanent. The neighbour
joining tree was produced in MegAlign (Lasagendy8sing distance matrices
under the Kimura 2-parameter model. (Bootstrapli®80).
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2.4. DISCUSSION

In 2007 and 2008, cases of CL were diagnosed frfitst time in captive

northern wallaroos, black wallaroos and agile alzi#s at the TWP.

Wallabies and wallaroos resting during the day masdicularly vulnerable to
the attack of biting flies. In the course of thisidy, it was observed that
Ceratopogonidae (biting midges), Culicidae (mosms) and Tabanidae
(march flies/horse flies) were the most prolifidels. Frequent biting may
cause skin irritations resulting in encrustatiomikr to those seen in CL. It is
plausible that CL infection has been present inDbewin rural area for a very
long time but gone unnoticed. The northern wallarace native to the tropical
regions of the NT and northeastern Western Austr&iack wallaroos are a
rare species endemic to the NT, their range isicesdl to areas of steep rocky
escarpment and plateau country of west and ceAtrglem Land (Dawson,
1995). Agile wallabies in contrast are naturallymbant in the Darwin rural
area. Ongoing cases of CL over the last six yeathea TWP highlight the
continued transmission ofeishmania amongst macropods located in the
Darwin rural area. Estimating the history of tramssion in the region is
difficult as the CL skin symptoms exhibited by m@mods mimic many other
skin irritations observed in these animals. Forngpla, a juvenile antilopine
wallaroo presented with lesions suggestive of laehiasis. Samples were
negative for Leishmaniaby PCR and serology. Later the lesions were
diagnosed as poxvirus using histology. Poxvirugeatibn is often seen in
young macropods (Ladds, 2009, McKengial, 1979).

The kangaroo IgG assay developed for antibody tetecshowed 100%

sensitivity and specificity for symptomatic northewallaroos and a black
wallaroo compared to those without symptoms. Alttothis is a small sample
size, it validates the use of this assay in sercédgurveys of macropods from
the region, and the analysis of stored serum samp&y help to provide some

estimates of how longeishmaniaransmission has been occurring in the area.



The AustralianLeishmaniaspecific real-time PCR readily detected DNA in all
of our skin lesion samples except one tail lesiam@e from a northern
wallaroo (ID 990096) which had a very high Ct at ¥%e were unable to
culture organisms from this particular sample, @ltgh all other lesions

sampled from this animal were successfully cultured

The parasite numbers in macropod tissue samplesatstl by this PCR are
comparable to those observed in mouse models. &iebhl. (2002b) reported
detection using real-time PCR in lesions fronhea mexicanamouse model.
The Ct values ranged from 16-18 for lesion samplaish were estimated to be
equivalent to 10 000 parasites per reaction usifg Ll of template. This gives
an estimate of 420 000 parasites per DNA extragtidh L) (Nicolas et al,
2002b, Nicolaset al, 2000). The weight or size of the tissues samplas not
included in this paper, but as they were colleatéal 1.5 mL microtubes, tissue
weight was likely to be similar to the northern leebo samples. The ear tissue
samples from northern wallaroos ranged from 168 @@@sites/g to 640 000

parasites/g.

Slightly lower Ct values were seen for mouse spkeea lymph node (19-25),
again this is comparable to the northern wallarstineates (Table 2.3).
Interestingly they were able to detéa. mexicanan the blood. Detection of
AustralianLeishmaniain blood samples was not attempted, but a prottwol
this should be optimised in the future as bloodectibn is a less invasive
technique than lesion sampling for macropods. Relaal. (2004) also used
real-time PCR to detect and estimate the parasitde in alLe. infantum
mouse model. In the spleen high numbers of pasagitze seen ranging from
7.13 x 10/g to 2.36 x 100g. Parasite numbers in the only positive spleen
obtained from a northern wallaroo were much lowe3@ x1G per DNA
extraction. However, it is difficult to compare Heefigures as this mouse model
is for VL which behaves very differently. Overalielse comparable results
validate the Australiaheishmaniareal-time PCR for use in this project as a

semi-quantitative assay for detection.
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The main difficulty associated with diagnosing Céing standard histology is
that in cases with low levels of infection in lesisamples parasites can be
missed. The production of the mouse amishmaniaantibody (raised against
Australian  SLA) and the optimisation of a more s&res
immunohistochemistry technique for histologicaltssts will prove useful for
future diagnosis. The assay can also be adapteatefection and localisation of

parasites in potential vectors, as described irpEn.

A phylogenetic analysis of the ribosomal RNA polyase largest subunit I
gene has shown Australidreishmaniais most closely related tioe. enriettii
The AustralianLeishmania, Le. enriettiand the MAR1 strain form their own
complex. BothLe. enriettiiand the MAR1 strain cause CL. The only known
natural host forLe. enriettii is domestic golden hamsterdlésocricetus
auratug in Brazil. Reported natural infection in hamstdras only been
observed on three occasions and in one case tlieflyahu. monticolawas
suspected as a vector (Lainson, 1997). Hamstersaréound wild in Brazil

and both the natural wild host and vectorlfer enriettiremain a mystery.

Unfortunately, no sequence of the RNA polymerasbusit Il gene was
available for theLeishmaniaspecies in Eastern Ghana (section 1.7.1). As
previously mentioned this species also appearedeoclosely related to
AustralianLeishmaniabased on of the ITS1 region (Villinskt al, 2008). In
future phylogenetic studies, the relationships e tore distantly related
clades, e.gLe. (V.) braziliensis compleray be better analysed and supported
using two alleles. Use of a outgroup, such dsypansomasp. may also give
stonger bootstrap support. The current tree howevsufficient to show the
above grouping of Australidreishmania

Muniz and Medina (1948) attempted to artificiallyféact human volunteers
with Le. enriettii but were unsuccessful, hence the species has albesgn
considered a non human-infectihgishmania(Lainson, 1997). Interestingly,
Le. enriettii has been reported to cause MCL in laboratory-itaded guinea

pigs Cavia porcelluy These animals produced lesions on their antedsal
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mucosae as well as the vulva or scrotum. The lattedy reports that lesions
appeared in the naked, cooler parts of the bogyarage from the inoculation
site and were believed to be caused by haematogespyead (Kanan, 1975).
Parallels can be drawn with infections seen digiallcooler areas (ear pinnae)
of macropods, along with the infections seen ondloacae of two northern
wallaroos and the nose lesions in northern wallgraoblack wallaroo and red
kangaroos. Experimental infection of mouse peribnmacrophages using
Australian Leishmaniapromastigotes found 80% infection after 5 h at(33°
compared to 5% at 37°C (Rose¢ al, 2004). Australian marsupials have an
average body temperature 2-3°C lower than othdregiain mammals (Dawson
and Hulbert, 1970) which correlates with this ressuiiggesting a preference for

these animals.

The MAR1 strain originated from a human patiengdi@sed with CL from the
island of Martinique (French West Indies). The aetyy is unknown and the
only species of phlebotomine sand fly on Martinigsi¢u. atroclavata Bats
are the only native fauna still found in Martiniqueut are not considered
potential reservoirs, so imported rodents may plagle in the lifecycle (Noyes
et al, 2002).

The phylogeny of Australiaeishmaniafurther confirms it's an enigmatic
species as shown by its close relationshipgoenriettiand the MARL1 strain
found on the other side of the world. In additigns the only known species in

Australia and it doesn’t appear to infect humans.

The reports of CL in northern wallaroos, a blacklavao and agile wallabies
highlight the importance of continued research thi lifecycle ofLeishmania
in Australia. In the next chapter, real-time PCRI aerology will be used to

implicate potential reservoirs or natural hostslfeishmanian Australia.
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3. SURVEILLANCE FOR AUSTRALIAN LEISHMANIA
INFECTION IN NORTHERN AUSTRALIAN

MARSUPIALS

3.1. INTRODUCTION

Incrimination of a Leishmaniareservoir host requires several criteria be
satisfied. The lifecycle oteishmaniaspp. is complex and more than one
mammalian host may be involved, as either the pyn@a the secondary
accessory host (Ashford, 1996). The biological abtaristics of a reservoir
were reviewed in the introduction. Australian lemgmiasis does not appear to
be a zoonosis sinceeishmaniawas discovered in accidental hosts, i.e., red
kangaroos not native to the region where the dise@s identified (Roset al,
2004). In this situation in order to find the sauror primary reservoir for
infection, Ashford’s characteristics provide thepglest criteria for prioritising
animals to screen for infection (section 1.6.1)isT¢hapter describes animals
that meet some of these characteristics for avesen the NT. Molecular and
serological methods used to investigate the rolmadropods in the Australian

Leishmanidifecycle are also described.

As CL was found in captive macropods (red kanggréosn the Darwin rural
area, it was considered to be most logical to fazussurveillance on marsupial
species that are generally found in this regiord Rengaroos are not native to
the region, the most common are agile wallabiesamtidopine wallaroos. The
northern wallaroo is also relatively common in ti@p End’ monsoonal
lowlands, although its range is more restrictedracky-hilly escarpment
(Hayneset al, 1991, Dawson, 1995).

The agile wallaby is the most abundant macropoddoacross the tropical
coastal regions of Australia and occurs as fartrsastBundaberg, Queensland

on mainland Australia. Some isolated populatiores faund further south on
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North and South Stradbroke Islands, Queensland KMmst and Knight,
2004). In the NT, they are most abundant on thecsastal lowlands, the
predominant environment in the Darwin rural areailé\ wallabies are also
long-lived, the age distribution at East Point Resan Darwin having been
recorded as 0.5-15.5 years, with the majority bdrgto 3.5 years (Stirrat,
2008). Agile wallabies are crepuscular and tendest throughout the day in
woodland or monsoonal forest, foraging during tadyemorning, evening or
overnight in open grassy areas (Hayaeal, 1991). The male home range size
can vary from 7.6-38.2 ha, the area being linketbtml abundance in the wet
and dry seasons. In the dry season, home rangelsendrger due to the lower

availability of good quality food resources (Stirr2003).

Although less abundant in the Darwin rural area, dhtilopine wallaroo is a
gregarious species that also warrants investiga®ma potential reservoir for
Australian Leishmania It is common across northern Australia in tropica
savannah woodlands from the Kimberly region of WesAustralia to the Gulf
of Carpentaria and Cape York. The antilopine watla from the Cape York
Peninsula have a slightly different habitat, camsgsof open eucalyptus forests
(Dawson, 1995). Antilopine wallaroos are also cegplar, although during the
wet season they remain active throughout the ddynéght. Uniquely among
northern tropical macropods, the antilopine wallaexists in social groups
with a dominance hierarchy among males, whereds agilabies and northern
wallaroos are relatively solitary (Croft, 1987).

Agile wallabies and antilopine wallaroos are coesid the largest native
mammals of the Australian tropics. There are, ha@resther smaller mammals
common to the Darwin rural area that may be coms@ipotentialLeishmania
reservoirs. These include the northern brush-tasisspm Trichosurus
vulpeculg, northern brown-bandicootlspodon macrourgs northern quoll
(Dasyurus hallucatysand black-footed tree ratiesembriomys gouldii There
are also several species of smaller rodents inofudjrassland melomys
(Melomys burtor)i delicate mousePseudomya delicatulysfawn antechinus
(Antechinus bellys western chestnut mouseseudomya nanyspale field-rat
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(Rattus tunneyj red-cheeked dunnariinthopsis virginide and brush-tailed
tree rat Conilirus penicillatu (Hayneset al, 1991, Priceet al, 2005). These
animals are all nocturnal and occupy habitat nichascould put them in close
contact with the vector.

The gold standard fdreishmaniadetection in reservoirs has traditionally been
direct culture from lesions or aspirates, along hwilemonstration of
amastigotes in tissue smears. In this chapter vee DINA detection and
serology to find evidence linking native mammalghea Darwin rural area and
the Top End as reservoirs béishmania The use of PCR as a technique for
detection of parasites in tissue can be a sensdtidk specific way to detect
Leishmaniain lesions or asymptomatic skin infection. PCR haen used in a
number of studies to detect the parasite in pakngservoirs and to monitor
prevalence in known reservoirs. For example, varitechniques targeting
kinetoplast DNA (KDNA) of thd_eishmaniaVianna)subgenus have identified
infection in various opossums and rodents in Colamds well as the Brazilian
states of Pernambuco and Minas Gerais State (Adkexah al, 1998, Brandao-
Filho et al, 2003, Oliveiraet al, 2005). In central Iran, where CL caused.ley
major is a significant public health issue, ITS-ribosbl&A PCR has been
used to screen for infection in gerbils (Panétial, 2008). In the diagnosis of
human leishmaniasis, similar PCR tests and morenthcreal-time PCR have
been developed. These target various regions suteaminiexon gene, again
the kDNA, glucosephosphate isomerasébosomal DNA (rDNA) and the
glucose-6-phosphate dehydrogenase gene in bloodarals tissue samples
(Castilhoet al, 2003, Marfurtet al, 2003a, Nicolagt al, 2002a, Wortmanet
al., 2005). PCR techniques can be highly specific saritive. However, PCR
sensitivity can have its drawbacks and should beitm@d closely with the
appropriate negative controls to control for falsesitives as a result of
laboratory contamination and/or confirmed througheo tests such as direct

culture and histology.

Measuring specific antieishmanialgG in serum of animals is another useful

method that can complement PCR detection. In tlse o a negative PCR
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result, the presence of ahtishmaniaantibody could demonstrate previous
exposure to the parasite. In Latin America, sercklgstudies have been used
to measuréd_eishmaniaprevalence in dogs as reservoirs for VL and Cleseh
include promastigote and amastigote antigen ELISAsnunofluorescent-
antibody tests, direct agglutination tests and censially available rapid tests
(Mettleret al, 2005, Ryaret al, 2002, Reithinger and Davies, 1999, Schadtig
al., 2004). Cats have been antibody screened for \MthenMediterranean and
Thailand (Solano-Galleget al, 2007, Sukmeeet al, 2008). Serological
surveys have also been conducted on opos&idelphisspp.) in urban areas
of Brazil as reservoirs foke. braziliensisand Le. infantum(Schallig et al,
2007, Santiaget al, 2007). The presence of antibodies agauestmajorhas
also been investigated to link vervet monkeg@lorocebus aethiopssykes
monkeys Cercopithecus mit)sand olive baboond@pio cynocephalus anubis
as reservoirs ofLeishmaniain Kenya (Gicheruet al, 2009). Serological
surveys are useful tools and can give indicatidnth® prevalence of infection
and exposure to the parasite. However, carrier @simay not have detectable
antibody when asymptomatic or in the early stadgeimfection. On the other
hand, an antibody response does not always indicaghmaniainfection is

maintained long enough to allow transmission toveor to occur.

This chapter desribes the first study to implicateeservoir folLeishmaniain
Australia. Protocols to measure abéiishmaniaantibodies and to test for active
infection (AustralianLeishmaniaspecific real-time PCR) have been utilised.
The aim was to find evidence that local asymptocnatitive animals can
naturally carry the parasite and thus may transeighmaniato a biting sand

fly vector.
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3.2. METHODS

3.2.1. Sample collection

Blood samples from large mammals including agilellaty, antilopine
wallaroo, northern nail-tail wallaby, common wadiar bridled nail-tail wallaby
(Onychogalea fraenaja and dingo Canis lupu$ were acquired through
existing serum banks at the TWP, BVL and Taronga. 8erum was selected
from the BVL serum bank to cover a wide geograghacea. Taronga samples
were selected for negative control sera, as thmalsiwere housed in what is
believed to be a non-endemic area for Australiaishmania Further blood
and tissue samples were collected when animals weareually captured or
anesthetised for veterinary checks at the TWP antMough animal-baited

trapping outlined in section 4.3.3.

Blood and tissue samples from agile wallaby andagbe wallaroo were also
collected by wildlife carers from the Darwin ruratea as part of their own
health checks or release programs. In particulage property located in

Virginia approximately 30 km south of Darwin.

Small mammal blood and tissue collection from nemthbrush-tail possum,
black-footed tree rat, northern quoll, brush-tailede rat, short-eared rock
wallaby (Petrogale brachyot)s sugarglider Retaurua breviceps western
chestnut mouse and black flying fdrtéropus alectpwere collected as part of
routine veterinary checks of enclosures and breegnograms at the TWP.
Mala (Lagorchestes hirsutiisserum was obtained to use as a negative control
through BVL.

Some samples were also collected through small nadnmapping surveys.
Black-footed tree rat and northern brown bandiagete collected in trapping
of small mammals in the Woodland Walk enclosuree(i8a 4.2.1) at the TWP.
The Biodiversity Unit (NT Government) regularly @hrets surveys of small
mammals across the ‘Top End’. Samples were oppstically collected from

animals caught during these surveys, including heort brown bandicoot,
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black-footed tree rat, northern quoll, Arnhem laodk rat Zyzomys maipj
mosaic-tailed ratMelomys burtor)i fawn antechinus and common rock rat

(Zyzomys argurua

In addition, the geographical area of the study wiaened by collecting blood
and ear tissue samples from agile wallaby, antiepvallaroo, northern brown
bandicoot and northern brush-tailed possums kitlgdraffic. Areas targeted
for collections included the Darwin and Darwin Husaea, Arnhem Highway
and Katherine Town and surrounds. Blood was catktty syringe from dead
animalsin situ by cutting veins in the tail with a scalpel. Sg&d blood was
then transferred to a serum BD vacutainer® (Beclinkson and Company,

Franklin Lakes, NJ) and stored on ice for transpmthe laboratory.

3.2.2. Sample storage

Blood and tissue samples were all stored as preliadescribed inmethods
section 2.2.2.

3.2.3. Tissue DNA extraction

DNA extraction was carried out as previously ddxamti in methods section
2.2.8.

3.2.4. Australian Leishmania Real-time PCR

Real-time PCR detection was carried out as destiibsection 2.2.9.

3.2.5. ELISA using Kangaroo IgG

Serum IgG was detected using ELISA as describemi@thods section 2.2.5.
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3.3. RESULTS

3.3.1. Specimen collection

The total number of animals sampled for serum assué¢ in the tropical
regions of the NT is shown in Table 3.1. Most & #erum and tissue samples
collected were from agile wallabies and antilopiwalaroos. The majority of
samples for agile wallaby came from Virginia (46naals), TWP (18), Douglas
Daly Research Farm (11) and Darwin River (10). Mastilopine wallaroo
samples came from the TWP (11 animals) and Virg{Bla The majority of
small mammal samples came from the TWP. All of #amples in this
collection are from animals showing no signs ohickl disease, with the
exception of the two agile wallabies mentioned apter 2 and one shoulder
lesion sample from an agile wallaby at Virginian8oantilopine wallaroos had
uneven or crusty ears, which were not considerdaetshowing clinical signs

of CL, as described in chapter 2.
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Table 3.1: Total animals and specimens collecteddm the ‘Top End’ of
Northern Territory.

Numbers

Common name Scientific name Animal Sere Tissue
Agile wallaby Macropus agili: 178 141 72
Northern quo Dasyurus hallucatt 45 10 43
Antilopine wallaroc Macropus antilopint 37 40 28
Brust-tailed tree ra Conilurus penicillatu 28 0 28
Black-footed tree ra Mesembriomys goul 18 0 18
Northern brus-tail possun Trichosurus vulpecu 14 7 13
Arnhem land rockat Zyzomys mai 9 0 9
Northern brown bandico« Isoodon macrourt 8 3 8
Mosaic-tailed rat Melorrys burton 5 0 5
Shor-eared ockwallaby  Petrogale brachyot 5 5 0
Fawn intechinus Antechinus bellt 5 0 5
Northern na-tail wallaby ~ Onychogalea unguife 3 3 0
Sugarglidel Petaurus brevicej 3 1 2
Dingo Canis lupus ding 1 1 0
Sandstone anchinus Pseudantechinus bilar 1 0 1
Westernchestnu mouse Pseudomys nan 1 0 1
Black flying fox Pteropus alect 1 0 1
Common rock ra Zyzomys argurt 1 0 1
Total 378 23¢ 264
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3.3.2. Antibody response to SLA in antilopine walla  roos

The 1gG responses of antilopine wallaroos to AldisinaSLA is shown in
Figure 3.1 The locations for serum samples are shown on trexi¥X- The
‘Darwin River property’ refers to a private bloabchted 6.7 km south-west of
the TWP. The ‘Darwin rural’ refers to samples coiézl randomly across the
Darwin rural area, while the four samples in thel ‘Nther’ group are from
various locations across the Top End including Rineek, Katherine, Belyuen
(outer Darwin) and Gandolf. The cut-off for a post response (S:P ratio
0.769) was determined using the mean plus 3SDeohdgative samples. In this
assay, negative samples were from common wallato@ireed from the
Taronga Zoo. As these samples were from New SouwledVit is unlikely that
they had been exposed to tteishmaniaantigen. The mean antibody response
from TWP group was significantly higher than thgaive group (P = 0.0023).
These animals had been located at TWP for overeHdsy Serum collection
dates for positive samples ranged from 1997 to 200& duration of other
antilopine wallaroos at sites in the other growgestions is unknown. The
borderline positive result for the Virginia group:P ratio 0.795) was collected
on 20/03/2009, the borderline positive (S:P rati819) from Darwin river
property was collected on 16/09/2007 and the dtfieborderline positive (S:P
ratio 0.792) was collected in 2002, from Pine Cr@égure 3.3).

3.3.3. Antibody response to SLA in agile wallabies

In contrast to the localised antilopine wallaro@ Igesponse at the TWP, the
agile wallabies have a broader regional IgG respo(fSgure 3.3). The
locations for 157 serum samples are shown on th&iX-The Katherine group
refers to serum collected from the Katherine regiamproximately 300 km
south of Darwin. Eight samples from agile wallahyTiaronga Zoo were used
as the negative control group. These animals welikaly to have been
exposed to théeishmaniaantigen. The mean values for each locale group are

significantly higher than the mean of the negativeup. Their P-values were
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0.0018, 0.0012, 0.0044 and < 0.0001 in order {teftght on the X-axis). In the
sample locales TWP, Virginia, Urban & Rural Darvand NT other 20%, 3%,

20% and 15% of animals were above the negativeft0.912), respectively.
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Figure 3.1: Antilopine wallaroo IgG response to SLA

Coloured dot points show samples from the sameaminith different
collection dates. The cut-off shown as a dasheddir).769 is determined from

the mean + 3SD.
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Figure 3.2: Agile wallaby IgG response to SLA.

Coloured dot points show samples from the clinceeles of CL detailed in
chapter 1. Matched colours are from the same aromdifferent collection
dates. The cut-off is shown as a dashed line 4209determined from the
mean + 3SD of the negatives.

The positive antibody responses seen in the UrbdRugal Darwin and NT
other group originate from locations such as sudnurMarrara (within the
Darwin city limits) and extending as far south asuDlas Daly Research farm
approximately 150 km south of Darwin. The locati@isnimals with positive

antibody responses are shown in Figure 3.3.
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Figure 3.3: Locales of positive serological respoes to SLA.

Antilopine wallaroo and agile wallaby sera had pesiantibody responses in
locations marked in the map.

3.3.4. Antibody response to SLA in other mammals

A small number of samples from other species ofimmado small mammals
were measured for antibody responses to SLA. Thi&adly responses from
nail-tail wallaby located at TWP, bridle nail-taallaby obtained from Taronga
Zoo, mala from central Australia and short-earetk revallaby from the Pine
Creek/Adelaide river area, south of Darwin are shawFigure 3.4. The cut-off
(0.474) for this raw data (450 nm) was calculateainf the bridle nail-tail

wallaby samples. This species is the closest oglatb northern nail-tail

wallaby and the animals from which samples wererakere unlikely to be
exposed td_eishmaniaantigen. Again, animals from the TWP showed pesiti

antibody responses.

Serum samples from black-footed tree rat, northguoll, northern brown
bandicoot and northern brush-tailed possum weileael to measure antibody
responses in these animals (Table 3.1). Anti-kawagG was found to be

cross reactive to the IgG of these species usingd@o 1gG in binding assays.
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Reactivity to Australiaeishmaniaantigen of these serum samples was tested
using the kangaroo IgG ELISA. However, the reswiese difficult to interpret

without a true negative control for each specied are not included in this

thesis.
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Figure 3.4: Northern nail-tail wallaby 1gG responseto SLA

Raw absorbance at 450 nm is shown on the Y-axisn&lrspecies grouped on
the X-axis. The dashed line shows the cut-off deiteed from the mean + 3SD
for the bridle nail-tail wallaby samples.

3.3.5. Real-time PCR screening of tissue specimens

Tissue samples analysed by real-time PCR for tlesemce of Australian

LeishmaniaDNA are shown in Table 3.2.

Four positive samples (5%) were detected in thie agallabies including the 2
agile wallabies seen with CL in Chapter 2 and 1 @anobtained from a
shoulder lesion of an animal located at VirginidheTfourth was from an

asymptomatic animal at Bee’s Creek in the Darwnalrarea. Nine antilopine

85



wallaroo samples (53%) were positive, including &ipve ear snips from
animals at the TWP and 4 animals from Virginia. Reae PCR Ct values
from antilopine wallaroo samples ranged from 26 38, indicating low

infections with 30-345 parasites estimated per DiX#action (Table 2.1). The
Ct value for the positive ear tissue sample frommaBymptomatic agile wallaby
was also within this range at 28. Ct values foritpasear tissue samples from
the small mammals were all between 30 and 34 itidgaeven lower

infections. See Appendix 1 for locations of theserals.

Table 3.2: Tissue samples screened by real-time PG& Leishmania.

Tissue

Species Positive*/Total %
Agile wallaby 4/81 5
Antilopine wallaroo 9/17 53
Black-footed tree rat 1/16 6
Northern brush-tailed possum 1/13 8
Northern brown-bandicoot 1/8 13
Fawn Antechinus 1/5 20
Black flying fox 1/1 100

*See Appendix 1 for positive sample locations
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Table 3.3: Agile wallaby samples screened by botteal-time PCR and
ELISA from the same date of collection.

PCR Total
Positive Negative
ELISA
Positive 1 4 5
Negative 2 29 31
Total 3 33 36

Agile wallabies and antilopine wallaroos that wesereened using both

serology and real-time PCR are shown in
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Table 3.3 and Table 3.4 respectively. In both tables, aimats that were

positive in both methods came from the TWPhere is a lack of correlation
between the PCR and ELISA assays for antilopinéawads (Table 3.4), with 4
positive PCR samples negative by ELISA and 5 tissamples negative by
real-time PCR positive by serology. This is alsersan agile wallabies, with 4

samples negative by PCR positive by ELISA.

Table 3.4: Antilopine wallaroo samples screened Hyoth real-time PCR
and ELISA from the same date of collection.

PCR Total
Positive Negative
ELISA
Positive 3 5 8
Negative 4 5 9
Total 7 10 17
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3.4. DISCUSSION

This is the first study to implicate a reservoir foeishmaniain Australia.
Protocols to measure specific anti-AustrdlEishmaniaantibodies and to test
for active infection (Australiaheishmaniaspecific real-time PCR) have been
utilised. The aim was to find evidence that locgyraptomatic native animals
can naturally carry the parasite and thus may mn#niseishmaniato a biting
sand fly vector.

Local mammals surveyed for infection were choseselaon a number of
characteristics. These characteristics include gha@ibundant in the endemic
area, closely related to the CL-infected specia#h) wimilar behaviour and
preferred habitat, which would maximize the likelid of contact with the
vector. Agile wallabies, the most abundant largenmal species in the Darwin
rural area, were extensively sampled. While fewamm@es came from
antilopine wallaroos, there were still a sufficientmber of animals to provide
some interesting results.

As outlined in the methods, due to the scope amitdtions of the study,
specimen collection was mostly opportunistic. Timade it difficult to obtain
similar sample numbers from each species. There Wwgher numbers for ear
tissue snips collected from northern quolls andsb#tailed tree rats than for
other small mammal species. This was not becatese thnimals were more
abundant in the Darwin rural area, but rather greymore available for sample
collection though breeding programs and other rekeaeing conducted at the
TWP.

It was also difficult to control for the age of taaimal, location and the length
an animal spent in these locations, as the reasels not always detailed. In
future research a targeted approach in sampling atlaw for collection of
additional information. More efficient communicat® between keepers,
veterinarians, other collection sources and theameher may combat these
limitations.
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Serological results from this study provide strozmgdence forLeishmania
exposure in asymptomatic agile wallabies and giti wallaroos from the
TWP. A staggering 76% of antilopine wallaroos & TWP were seropositive.
Seroprevalence was lower at other localities (Miiggil3%, Darwin River 14%
and NT other 25%). There was less variation of menalence in agile
wallabies, ranging from 20% at the TWP and UrbaR&al Darwin, 15% for
NT other to 3% for Virginia. The variations seenthe results, in particular
higher responses at the TWP is likely related tcagite exposure (vector),
seroconversion, animal age and the environmentlopitte wallaroos giving
the highest prevalence of IgG teishmaniawere older animals, which had
been located at the park for up to 10 years. A lpagod to have exposure to
the parasite compared to the agile wallaboies samplithin the park. An
antibody response tbeishmaniawas also seen in all three nail-tail wallabies
sampled from the TWP, further highlighting high gsite exposure/infection

seen at the facility.

In prevalence studies of othé&eishmanialifecycles, such ase. infantum
surveys of the dog reservoir host in the Meditezeanand South America have
found 20-30% are seropositive at any one time (&shf1996). Again in
reference to the_e. infantumlifecycle, a survey of 445 cats (suspected
reservoir) in NW Mediterranean found 5.25% serajpaesiusing a similar 19G
ELISA (Solano-Galleget al, 2007). While in opossums (suspected reservoir),
of the 112Didelphis spp samples tested, 71% were seropositive in Bauru,
Brazil (Santiagoet al, 2007). Considering these studies, it appearse agil
wallabies and antilopine wallaroos do fall into thanges for antibody
prevalence seen among known and suspdateshmaniareservoirs elsewhere

in the world.

The locales for positive antibody responses ineagihllabies or antilopine
wallaroos to AustraliarLeishmaniaare shown in Figure 3.3. It appears that
animals exposed tbeishmaniaoccur as far south as Pine Creek and Douglas
Daly. This is useful information about the hab#dad distribution of the vector

and indicates that the vector may not be restrittedhe coast. Continued
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collections from these locales will provide mordommation regarding the

specific environments where AustraliBeishmanias found.

Care must be taken in the interpretation of them®lsgical results. Cross
reactivity of antibodies against other parasite igems, in particular
Trypanosomaspp or unknown kinetoplast infections should be coestd.
This may account for the broad response seen le agilabies located outside
of the TWP. However, the negative control grougach assay is tight and has
allowed for background binding (cross-reactivitglthough it is difficult to

have a true negative group for this geographiazdtion.

Real-time PCR results of ear tissue snips, matchigd the high antibody
responses seen in asymptomatic antilopine wallafwos the TWP) provide
convincing evidence of active infection. Combinedhwthe CL cases seen at
this location, this confirms that TWP is a ‘hot Spor transmission. In this
situation the vector may be expected to have higfection rates.
Asymptomatic ear tissue in ratRdttus rattuy has been shown capable of
transmission using laboratory transmission Laf. tropica by P. sergenti
(Svobodovaet al, 2003). The study found that 5 x*16 1@ of the parasites in
asymptomatic ear tissue were sand fly infectivéhoaigh the actual lowest
infective dose, (i.e. number of parasites too lowtoduce infection) was not
determined. The Ct values for asymptomatic antilepwallaroo and agile
wallaby indicate low numbers of parasites in tisStether this burden was

enough to infect a sand fly vector could only balelsshed by xenodiagnosis.

The positive real-time PCR results seen in the lsmammals from Table 3.2
are interesting, regardless of their very low Cluga. All except the black-
footed tree rat, which came from ‘Buff Farm’ in Keadu National Park, were
from the TWP. This again indicates that the TWR 8ot spot’ forLeishmania

transmission. This could be due to the captive renment favouring

transmission as animals in smaller areas are isecl@ontact with other
infected animals, thus increasing the chance afgobitten by an infected sand

fly. Alternatively we might consider the possibylithat direct transmission
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(section 1.5.5) between animals is occurring withie enclosures at the TWP.
This possibility seems unlikely as direct transmoisshas not been reported for
CL and the parasite is generally localised to thie.'he PCR positive captive
black-flying fox located at the TWP is also of irgst. If these animals are
capable of carryind.eishmaniaas reservoirs, then we might expect that the
geographical range for Australiabeishmaniais quite high as they are
widespread across tropical northern Australia. Agais would be dependent
on the characterisitics of the vector (Tidemagtnal, 1999, Vardonet al,
2001). A few antilopine wallaroos and agile walbianimals had negative
PCR result with a positive 1gG response. This pbbpandicates parasite
exposure, suggesting the animal may have beenaadféc the past or having a
parasite load too low to be detected in the loedlisssue sample. It is difficult
to know exactly were to sample tissue in asymptamanhimals when
parasitemia might be quite low. Animals with a piesi PCR and negative 1gG
response may harbour new infections, before a tdtiecantibody response has
been produced. As stated in the introduction t® ¢hiapter infected animals can
be asymptomatic and without a detectable IgG respoDespite minimal
control over sample collection, there is strongdewmce to suggest that
macropods are behaving as primary or secondaryvaee for Australian
Leishmaniain the Darwin rural area. To valiadate theseltestuture studies
should centre on increasing the numbers of macoplat are sampled for
both serum and tissue from similar environmentsughout the ‘Top End’ and
also extend collections into northern Western Aalistrand north Queensland.
Increased samples should be taken from northemwrbhmndicoots, northern
brush-tailed possum, black-footed tree rat andksfiaing fox. Optimisation of
the ELISA for these mammals will greatly enhancea ouerpretation of

positive tissues results by PCR.

Currently the NT is experiencing a small mammallide¢ similar to that
already seen in the southern states. The causesattunknown (Woinarslet

al., 2001). Disease surveillance is immensely impdrtam protecting
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biodiversity and preventing exotic introductions waly of leishmaniasis, but
also other zoonotic diseases.
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4. FIELD COLLECTIONS FOR PHLEBOTOMINE SAND

FLIES IN THE DARWIN RURAL AREA

4.1. INTRODUCTION

Phlebotomine sand flies are widely believed to lee dnly vectors capable of
transmittingLeishmania To identify the species potentially responsilde the
transmission of Australiar_eishmania a thorough field investigation is

required in the area from which cases of Austraiarhave been reported.

Australia has 18 known species of phlebotomine dled belonging to the
genera Phlebotomus Rondani & Berté, classified into the subgenus
Australophlebotomou3heodor andSergentomyidranca & Parrot. Of these,
the NT has three known speciesR¥flebotomusP. (A.) acuminatusewis &
Dyce P. (A.) brevifiloidedairchild P. (A.) mackerradiewis & Dyce,and five
species ofSergentomyiaS. hoogstraal(Fairchild) S. englisha¢Tonnoir), S.
queensland{Hill), S. standfastiewis & Dyce;andS. vanellaQuate & Quate)
(Lewis and Dyce, 1982, Lewis and Dyce, 1983, Leavid Dyce, 1988).

Australian members of the subgerfusstralophlebotomuare thought to feed

on small mammals, birds and reptiles. They have loaeight using both light
traps and truck traps, however there is scant nmétion regarding their
habitats. AlthoughP. (A.) breviloideshas been caught at the entrance of a rabbit
burrow andP. (A) mackerrashas been isolated in Queensland caves. Of the
species found in the NT, none have been foundarDérwin rural area, P. (A.)
mackerrasi the closet was caught in the Katheraggon (Lewis and Dyce,
1982, Dyce and Wellings, 1991. (A.) mackerrashas also been observed
feeding on the Gidgee skirikgernia stokesiin the Flinders Ranges of South
Australia (Stein and Dyce, 2002). Species of tHegsnuddiophlebotomusre
found in caves and probably feed on bats, but mtebeen found in the NT

(Lewis and Dyce, 1983). There have been few repr&ustralian sand flies
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regularly biting livestock, even after extensivedsés using animal baited traps
(Muller and Murray, 1977, Lewis and Dyce, 1982, Mulet al, 1981).
Australian phlebotomine sand flies do not appeaartthropophilic, in fact the
only documented record to date was a ferRalbrevifiloidesobserved by Alan
Dyce feeding on his upper arm on a lit porch in &grNew South Wales
(Lewis and Dyce, 1982).

The most dominant and widespread sand fly specresAustralia is
Sergentomyia queenslandis with other members of this genus worldwide, th
Australian Sergentomyiaspp are considered to be reptile-feeders. Large
numbers ofS. queenslandand S. englishadave been caught using emergent
traps over reptile burrows. In Charleville, southsivQueensland, an arbovirus
isolated from the geckdsehyra australis was also detected in a pool of
collected sand flies in whic8. englishaglominated (Lewis and Dyce, 1988). It
has been suggested that Australia’s abundant lndogetal fauna accounts for
the dominance of reptile-feeding sand flies and &hsence of man-biting

species (Stein and Dyce, 2002).

Alexander (2000) describes several characteristias can be used to quickly
identify phlebotomine sand flies in the field odicate their presence from

reports of local people. These include:
small (2-3 mm)

overall colour brown but appear whitish when lightshone on them

(fluorescent)

wings at rest held in a "V' shape
silent

weak but direct flight (do not hover)
hop between biting sites

nocturnal

painful bite
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All phlebotomine sand flies are superficially alikend for species level
identification, individual sand flies must be cledrin lactophenol or KOH and
examined under high power microscopy. Structuredh @as the mouth parts
(cibarium, pharynx), the female spermathacae, eatenale genitalia, length of
antennal segments, pigmentation and the positiod arrangement of
abdominal hairs are some of the characters usggkities identification.

In Australia, there have been no studies into iteeyicle, breeding sites and
seasonal behaviour of sand fly populations. In thigpter we present the first
intensive study into sand fly fauna in northern thaiga. Data obtained from
two and a half years of sand fly trapping usingaaiety of techniques in a
known AustralianLeishmania‘hot spot’ is presented. We summarise the
phlebotomine species present at two locations lagid $easonal variation, with
the aim of implicating the vector(s) of Australibeishmania
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4.2. METHODS

4.2.1. Field site description
Territory Wildlife Park

The TWP is located at Berry Springs, approximatéBkm south of the
Menzies, Darwin, NT. Situated in the Darwin rureda the park covers an area
of 400 hectares and contains a variety of wildfifem northern Australia
(Figure 4.1A). An ecological description of the ar rural area (monsoonal
lowlands) was provided in section 1.9. Samplingiated in August 2006 was
conducted within the same ‘Woollybutts’ enclosuFég(re 4.1B) where the
original cases of CL were first identified in 200RBoseet al, 2004). This field
site was chosen specifically to increase the clmoteatching an Australian
Leishmaniainfected phlebotomine sand fly. At this time theras still one red
kangaroo remaining within the enclosure. The aniwvas displaying symptoms
of CL on the tail and nose, although an officisdgtiosis had not been made.
Other macropods housed within the ‘Woollybutts’ luned agile wallabies,
antilopine wallaroos, northern nail-tail wallabiesxd one black wallaroo.
Phlebotomine sand fly trapping was carried out his tenclosure between
August 2006 and May 2008, when the facility wasebtbfor refurbishment. At
this time the macropods from this enclosure werevadoto three different
locations across the park. Agile wallabies were @doto either the ‘Picnic
ground’ or ‘Woodland walk’ enclosures, nail-tail Medies and the black
wallaroo went to the ‘Woodland walk’ enclosure, ahd antilopine wallaroos
were relocated to the ‘Emu’ enclosure to form a rEwu and Wallaroos’
display. Figure 4.1A shows the enclosure locatiithin the park during the
course of this investigation. Sites for traps wplaced either within or just

outside the location of animals with suspected/cor®d Leishmanianfection.

From the beginning of the study northern wallaradsch were subsequently
diagnosed with CL in September 2007 were locatedhimm ‘Ex buffalo’
enclosure (formally used to house water buffald)isTwas adjacent to the

‘Emu and Wallaroo’ enclosure. The northern wallarewere relocated to ‘Emu
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and Wallaroos’ in October 2007. By January 2009alithern wallaroos and

antilopine wallaroos had been relocated back toErduffalo’ enclosure.

An additional site selected on the park for tragpias the monsoon rainforest.
This site was established in an attempt to fincelopecies of phlebotomine
sand flies that may be present in this region. efppresented a different
environment to the rest of the park as it was pHria pocket of monsoonal
rainforest. There were no known infected animalsthis particular area,
although wild agile wallabies are common throughth# TWP, and able to

enter and leave some of the enclosures at will.

Humpty Doo

A private property located just off Pioneer Drivg&, Schomburgk Rd, Humpty
Doo was also used as a site for phlebotomine dgrichpping. The property is
approximately 35km from Menzies and 25km from thWeF (Figure 4.2). This
was the location of a pet Red kangaroo that had pesviously identified with

CL (Roseet al, 2004). The animal continued to show symptomsuitinout the

trapping period August 2006 until December 2007e T@mvironment was
slightly drier and more open than at the TWP.
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Figure 4.1: Territory Wildlife Park field sites.

A) Google earth aerial image of the TWP showingotes enclosures for sand fly trapping, B) Photobrafthe ‘Woollybutts’
enclosure (14 April 2007) .



Figure 4.2: SchomburgkRd property.

4.2.2. Sand fly collection by interception

Three methods were used to collect sand flies lbgrdaptior: sticky traps
emergent traps; and a flighat (Gressitt and Gressitt, 19638ticky traps ant
flight traps have not been previously utilised in Adgtreo catch phlebotomin
sand flies. Alhough, emergence traps have been utilised ovell semile
burrows to catcls. queenslan andS. englishaéLewis and Dye, 1982, Lewis
and Dyce, 1983, Lewis and Dyce, 1¢.

Sticky traps were made using sheets of size paper impregnated with astor
oil. A wooden skewer was used to pie each end of the papdorming a sa-
like structure Alternatively a series csticky traps were hung bglothes peg:
along a string linewithin 30 cm of areas here sand flies might be rest.
(Figure 4.3A) Sticky traps werplaced adjacent to or warious microhabitat
were sand flies might be resting (ng the day such as cracked/spittoc on

buildings or shelterstree stumpsrotting wood and leaf litterin tree hollow,



over animal burrows and in the ceilings of aninedding stations. Traps were

left overnight and checked the following day.

Emergent traps consisted of a pole with a contajnene collection flask) at
the top containing some sticky trap paper. Finetnfabric is attached to the
collection container and pegged at four cornersr e area to catch any
emerging insects. Emergent traps were placed allenfhollow trees or reptile

burrows. Traps were left out overnight and chedkedollowing day.

Finally, the flight trap or malaise trap (Australi&ntomological Supplies Pty.
Ltd, Bangalow, NSW, Australia) was used to colleand flies just outside the
‘Emu and Wallaroo’ enclosure. This flight trap issanall oblong tent-like
structure with a central wall rising to a pointaate end and two short walls
running perpendicularly at each end. Insects thaw finto the trap were
directed to one side upwards where they becameddapn a collection
container containing 70% ethanol. The flight tragsveft in place for a season

and the collection jar was replaced each monthufEig.3B).

4.2.3. Sand fly collection by attraction

Various forms of light traps were used to attraotdflies. Light traps targeting
the collection of biting midge<{licoidesspp.) have previously resulted in the
collection of both Sergentomyiaand Australophelebotmusphlebotomine
species in Australia (Lewis and Dyce, 1982, Lewid ®yce, 1983, Lewis and
Dyce, 1988). The Encephalitis Vector Survey (EVS$apt (Australian
Entomological Supplies Pty. Ltd) is designed toaatt mosquitoes using both
light and CQ (Rohe and Fall, 1979). The light source used 1s5¥, 70mA
sub-miniature lamp powered by two 1.5V D cell batt® Dry ice is held
within the ‘billy can’ container above the lightc@ihas three holes to emit the
C0O,. Sand flies and other insects drawn to the trajp flyi towards the
attractants and are sucked up by a fan using a wawih current into a
collection container (catcher). The Medical Entoogyl branch of the NT

government provided EVS traps along with some hoat6V incandescent
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light traps powered by a 6V disposable or rechdrigeaattery, again with a fan
to suck the sand flies into a catcher.

The standard miniature Centre for Disease Cont@®() light trap model
1012 (John W. Hock Company, Gainesville, FloridéSA)Y was the most
frequently used light trap (Sudia and Chamberla888). It also consisted of a
6 Volt light above a fan forcing a downward flow af to suck insects into a
catcher (Figure 4.4A). This trap was also suppldatemwith CQ by attaching
the billy can used for EVS traps containing dry amve or close to the light

source.

Two types of animal baited traps were used to colkand flies. A Shannon
trap uses both the human (operator) as an atttaakang with a fluorescent
light source (Shannon, 1939). It consisted of atevhotton material designed
into a large square tent with eaves around thesdige fluorescent light source
hangs inside the tent. Sand flies attracted to hbhenan odour and the
fluorescent light land on the white walls of thapr(Figure 4.4B), from which

they can be collected using home-made Castro &spifAlexander, 2000).

During the present study Shannon traps were opmkeratedusk for 1-2 h

depending upon the numbers of sandflies observeéavaather conditions.

A variation of the Cone trap was also used to $jgatly collect sand flies that
might be attracted to macropods (Montoya-Lerma laade, 1996). This trap
consisted of a one man dome tent with a hole cutaich side of the tent.
Funnels (cones) were placed in the openings. Avephtilopine wallaroo was
anesthetised via dart by a trained veterinarian @aded within the tent for a
period of 1-2 h after sunset or early morning. Aftiee collecting period the
wallaroo was removed and all biting insects wengrated from the walls of
the tent.

4.2.4. Sample storage

In the field, sand fly samples from sticky trapsreveollected into 5mL tubes

containing a detergent solution to remove the castbfor dissection and
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identification. Alternatively they would be collect into 70% ethanol to
preserve the DNA.

The light trap collections were put in a fridge forezer until the insects had

been anesthetised and then pooled into 50 mL e@aitaining 70% ethanol.
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Figure 4.3: Trapping by interception.

A) Sticky traps anchored in tree stump in tiéoollybutts enclosure; B) Flight trap located outside the iEamd Wallaro’
enclosure.



Figure 4.4: Trapping by attraction.

A) Standard Miniature CDC light trap within trWoollybutts’ enclosureB) A Shannon trap carried out at sunset 2 h within the
‘Woollybutts’ enclosure.



4.2.5. Laboratory processing of sand flies

Phlebotomine sand flies from each trap were sdr@u other blood-feeding
insects and then further sorted by their sex. idd& sand fly records were
maintained to document the collection method, iocatdate of collection, and
sex. Additional information including if the femalevere gravid or contained a
blood meal was also recorded. Initially, the salydhiead and thorax were
removed to be cleared individually in lactophenml identification; this was
later changed to heads only. When the identifiealbe experienced enough to
identify the sand fly to species level, whole bsdieere stored without
removing the head. Female sand flies were stored alr -20°C either
individually or pooled into a microtube (up to 18rpgube) for DNA extraction
(section 5.2.1).

Male sand flies were also identified to specieslleand then discarded. A
subset of female and male sand flies were also nr@depermanent slide

mounts for taxonomic reference. Reference sampées wleared for at least 18
h in lactophenol (Labchem, Ajax Finechem). Using thissecting microscope
(x40 magnification) and fine dissecting needlegcapens were mounted onto
76x26 mm microslides in EupafalAustralian Entomological Supplies Pty
Ltd). The heads were orientated ventrally to viee mouthparts, the remainder
of the body was placed on its side with the wingsead. Cover slips (22x22

mm) were placed on top to seal the mount.

4.2.6. Sand fly identification

Phlebotomine sand flies were identified by theirstidct shape and
characteristics including round eyes, hairy bodmsg legs and wings held in a
V shape position (Figure 4.5). Sand flies of thaugSergentomyiacould be
distinguished fromPhlebotomusby the presence of recumbent hairs on the
abdomen and a cibarial pigment patch. To taxondiyiedentify flies to a
species level the taxonomic key of Lewis and Dyt888) was followed
(Lewis and Dyce, 1988).



Figure 4.5: Australian phlebotomine sand fly from he genusSergentomyia

To simplify identification the species were alsastoliguished using characters
such as the length of the third antenna segmenj {#3elation to labrum
length. For example, all sand flies seen with & dmown head and A3 length
shorter than that of the labrum were identifiedsagiueenslandiOther features
such as pigment of the cibarium, shape and numbireth were also used to
identify the species in females. The differencesthe female cibarium
morphology can be seen in Figure 4.6. In malee#ternal genitalia were also
used to determine the species.
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A)

B)

C)

D)

A3 < labrum

Dark brown boomerang
shaped pigment patch
28-105 hind teeth

A3 > labrum

Light brown triangular
shaped pigment patch
19-27 hind teeth with
point

A3 > labrum

Light brown pigment
nobby pigment patch
Jagged hind teeth (10-18),
central ones shorter

A3 > labrum

Very dark brown pigment
patch that obscures the
cibarium view

Cibarium with lateral
sides dark

Figure 4.6: Female cibarium from four Sergentomyiaspecies.
A) S. queenslandB) S. vanellaC) S. hoogstraaland D)S. standfasti
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4.2.7. Timeline

Phlebotomine sand fly trapping was conducted ughreg various methods
described for the period August 2006 to January9280 the TWP, Berry
Springs. Trapping at Schomburgk Rd., Humpty Doo easied out between
August 2006 and January 2008. At the TWP multiplthods were used in
different enclosures.

Figure 4.7 summarises locations, trapping methou$ tame periods used.
Collections were carried out for one week each mand the number of
trapping nights was gradually reduced over theoperCollections were not
carried out in June, July and August 2007. The ntgjof trapping was done
using CDC light traps and Sticky traps, althougheotmethods were used to

ensure all sand fly species present at the TWP aveee accessed.
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Figure 4.7: Timeline for sand fly trapping at the TWP.
Highlighted are nights per month, locations andeablon methods used in the period August 2006nudiy 2009



4.3. RESULTS

4.3.1. Numbers of sand flies collected

Of the 3048 phlebotomine sand flies collected italto2789 were from the

TWP and 259 were from the Schomburgk Rd. propeBgecimens were

identified to genus level as shown in Table 4.1. thd¥se sandflies, 2933
(96.2%) were further identified to a species leWeur species were present in
the collection, the most prevalent betBgqueenslandB7%).

Table 4.1:Phlebotomine sand flies caught at the TWP and Schdrgk
Rd. locations.

Phlebotomine species Total
S queenslanc 1752 10¢8 284C
S.hoogstraal 47 11 58
S.vanelle 16 2 18
S.standfas! 12 5 17
Sergentomyia sg 58 58 11€
Total 188t 116: 304¢

The numbers of sand flies caught using each trgpmiathod is shown Table
4.2. The majority of sand flies, 2324 (76%) wereiglgt using light as an
attractant. A higher proportion of females and gtdemales were seen in these
collections. The CDC light trap >2 m caught thehieist percentage of females
(83%), although these results may be biased a®f34h@ 424 were caught from
one trap on one night.

The flight trap showed the least bias for sandséy at 51%. It was operated

permanently for a period of 8 months and colle@@fl sand flies. In contrast,



sticky traps effectively caught more males (71%)atdition 18% of female
sand flies collected using stick traps were grawildile 67% were gravid in the
flight trap.

Table 4.2 Phlebotomine sand flies caught using each trappingethod
from both locations.

Trapping method % Female % Gravid females Total sand flies
6V Light Trap 71 51 81
CDC Light Trap 67 53 1136
CDC Light Trap + CQ 65 43 478
CDC Light Trap >2m 83 70 424
Emergence Trap 22 100 9
EVS Trap 59 10 104
Flight Trap 51 67 207
Shannon Trap 79 70 81
Sticky Traps 29 18 528
Total 3048

"Calculated from total females

4.3.2. Seasonal variations of Sergentomyia spp. from both locales

Sandfly numbers for Schomburgk Rd., caught by irapmethod and monthly
variations, are given in Figure 4.&ticky trap numbers show the most
variation, although a gradual increase in sandilgnbers can be seen in light
traps during the period September to NovemBargentomyiaspp. numbers
dramatically drop at the onset of heavy monsoonehther as seen in the

months January 2007-April 2007, and again in JanR@08. Sand fly trapping
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was not carried out for the period June 2007-Au@@$t7, due to an overseas
field trip.

Similar trends were observed at the TWP as shoviigare 4.9. Trapping was
undertaken for a longer period, up until Januar@R205ticky traps and CDC
light traps both show an increase in sand fly nusilgliring the period from
September to December each year. Dramatic dropsearein November 2006,
December 2007 and December 2008, which correlaitbshigh rainfall. Very
low sand fly numbers were observed from Februarppol each year. The
Flight trap used from May 2008 until January 2088vgs a similar pattern to
that observed for light traps.

The predominant speci&s queenslandvas observed in the collections all year
round. ForS. hoogstraali86% of specimens were collected in the months of
November, December and January whereas Botstandfastand S. vanella
were only collected in the months of November tiglouto March (with
exception of one specimen of the latter caughnifeE®(S trap in August 2006;

(data not shown).

4.3.3. Animal baited traps

Two animal-baited traps were set, the first attevngs on the 20/05/2008 using
an infected northern wallaroo (ID: 83212) as amaatant. Due to unforseen
events the trapping did not occur until after dadtween the hours 19:00 to
21:00. No phlebotomine sand flies were observedth@ trap, and only
mosquitoes were collected: twidlansonia uniformisTheobald, fiveCulex

annulirostris Skuse, oneAnophelesfarauti Laveron, oneAn. meraukensis

Venhuis and on€oquelleltidiax xanthogast¢Edwards).

A second attempt at sampling using an animal baitgwas carried out on the
05/06/2008 using an antilopine wallaroo (ID: 920)/2Rhich was naturally

infected with Australiar.eishmania(chapter 3). Trapping was carried out from
08:00 to 10:00. Again no phlebotomine sand fliesengetected and no insects

were collected, although biting midges were present
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4.3.4. Resting sites for Sergentomyia spp.

A breakdown of the microhabitats within the ‘Wodliytts’ enclosure in which

sand flies were caught (using sticky traps) on ntioa@ one occasion in a given
trapping week are shown in Table 4.3. The datagpitesl is from August 2006-
December 2006, when sticky traps were used intelysin this area. The

highest number of sand flies caught on one sticky in one night was seven
4 on cracked stump 2 in October 2006.

Table 4.3: Resting sites for sticky traps at Woollgutts enclosure.

Figures indicate number of sand flies per nighttpgy (5 nights). Only sticky
trap microhabitats with more than one sand fly tagpgr month are shown.

‘Woollybutts’ microhabitat Aug-06 Sep-06 Oct-06 Nov06 Dec-06
Tree buttress 0.08 0.10
Feeding sation 1- roof (split wood 0.1C 0.0¢ 0.0¢ 0.1z 0.3¢

Feeding station 2 - roof (split wood) 0.15 0.28 10.1 0.16 0.49

Feeding station 3 - roof (metal) 0.10 0.08

Hollow log 1 0.40 0.16 0.08

Cracked stump 1 0.56 0.67 0.15 0.32
Hollow log 2 0.8(C 0.10

Cracked stump 2 1.20 0.33 0.40
Hollow log 0.4C

Hollow log 4 0.60

Wooden eaves (corner post) 0.25

Sheltered lattice 0.12




4.4, DISCUSSION

For the first time in Australia, an intensive stuths been conducted to identify
a potential phlebotomine sand fly vectorlafishmania Numerous collection

methods were used to survey for all species wihimcalised area, in particular
focusing on the TWP animal enclosures. A wide raofyeollection methods

using both attraction and interception were empdotee increase the chances
that all species present would be collected. Intexid trapping was carried out
in all months of the year using sticky traps amghfitraps. The CDC light traps
proved to be the most efficient method for collegtsand flies as they were

user friendly and consistently caught sand fli@eughout the year.

In total, 3046 sand flies were caught from the T@fel the Schomburgk Rd
property over a period of two and a half years.sTli a small number
compared to those collected in other studies. Alystonducted in Kenya in
which five CDC light traps were used monthly foreomeek at the mouth of a
cave collected 17 947 sand flies over two yearpresenting ten species
(Johnsoret al, 1999). Another study in the state of Rondonighie Western
Amazon of Brazil collected a total of 85 850 spess), representing 78 species
over a three-year period, using four CDC light r@apd a Shannon trap for 5-6
days per visit (22 visits) (Giet al, 2003). In this report the most effective
method was the Shannon trap where the relativedamoe was recorded as
83.4 Shannon flies per hour. The highest numbeyaafi flies collected using
the Shannon trap at the TWP was 26 per trappinigt iyh) in October 2006
(Figure 4.9).

In this collection four species of phlebotomine ddires were identified at the
TWP, all belonging to the gen&ergentomyidTable 4.1). In contrast only two
species,S. queenslandand S. vanella,were detected at the Schomburgk Rd
property (data not shown). To date there is no kna@wcumentation of the
Sergentomyiaenus as a proven vectorlafishmania althoughS. garnhamis

a suspected vector dfe. majorin Kenya (Mutingaet al, 1994). The most

abundant species in this collection vasqueenslangdrepresenting 96% of all
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sandflies in the collection. This species is als® host widespread species in
Australia. As mentioned previously, little is knovabout the blood feeding
habits of Sergentomyian Australia, but these insects are consideretit®
predominately reptiles, as they do are elsewhetkdrworld (Lewis and Dyce,
1988).

Methods using interception are designed to hawe libias towards any
particular sand fly species. The use of sticky drapd the flight trap (May
2008-January 2009) gave the best indications ofispgresent and seasonal
fluctuations (Figure 4.9). Seasonal§, queenslandhowed a gradual increase
in numbers during the build up to the wet seasalir through to December.
This may be due to both an increase in temperandehumidity caused by
increased rainfall. Higher numbers were also seehd dry season as indicated
by the light trap collections in June, July and Asig2008. Total numbers of
sand flies caught were clearly affected by heavypfalh, with numbers
dramatically dropping with the onset of the monsdbms could simply be due
to the fact that sand flies are unable to takehfligt these times and rarely
venture out to be attracted to a CDC light trapstvay into a sticky trap.
Alternatively, the larval and pupal populations mbg affected by these
humidity and water-logging of breeding sites. Théwes been no previous
research on the breeding sites, seasonality ocytifes of sand flies in
Australia. This makes it difficult to draw any cdumsions about the seasonal
behaviour of these Australian sand flies based onlyhis study. Interestingly,
the less commonly collected species were moreylikel have been caught
during the wet season. Although this is difficdtexplain, it may be related to
their breeding sites and bloodmeal preferences.

Many different types of microhabitats were targetad the Woollybutts

enclosure using sticky traps to collect sand ffiresn resting sites. The sand
flies appeared to be mostly associated with deadked or split wood. This is
possibly due to the moist environment and protectffered in these areas

from exposure to wind, heat and rain. The most $besl caught using sticky
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traps was from cracked stump 2 (Figure 4.3). Attihee of collection this

stump received water everyday from the waterinthefgrassed area.

Lewis & Dyce (1988) reported that many sand flieald be caught over reptile
burrows. Unfortunately, there were few known bursatlose to the enclosures
chosen for sand fly trapping in this study. Althbugmergent and sticky traps
were placed in a hollow tree which had a snake holes buttress root, large
numbers of sand flies were never caught. Stickpstrevere also mounted
around the entrance to burrows of monitor lizardsated close to the

‘Woodland walk’ enclosure. No sand flies were cotiégl from these traps.

As the Australiar_eishmaniais a mammal-infecting species it is logical that a
potential vector candidate would be associated widammal blood meal
preferences. While conducting sand fly trappingttegse field sites, field
workers were never bitten or witnessed sand fligagpthe animals in these
enclosures. Tame wallaroos or wallabies often wvedtuclose to or lay
underneath the Shannon trap while it was set. Masggi and biting midges
were usually attacking them at these times; budl $kes were never observed

among these insectsr{published observatiohs

Two attempts were made to carry out sampling withaaimal-baited trap
(Figure 4.7), but no phlebotomine sand flies wesgdted on either of these
occasions. Animal baited trapping was undertakevattime points, once in
the morning and once in the evening. The trappmag tvas conducted in the
morning occurred at a later time than initiallyrmpted due to the length of time
it took for the animal to be anesthetised. Simylénle trapping conducted in the
evening was set up later than anticipated dueffwulties involved in darting
the animal. To identify any potential mammal feedéand flies in the area, this
type of sampling should be ideally carried out ormmare regular basis.
Macropods are difficult to manage in these situsti@nd are particularly
flighty, easily stressed animals. If animal-baiteabs were to be used in the

future, logistical and ethical issues such as thesdd need to be addressed.
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In summary, field collection of phlebotomine safids was carried out over a
period of two and a half years in known sites adHenaniasis infection. Four
species from the genefergentomyiavere identified and observations made
on seasonality and resting sites. No species frergenudPhlebotomusvere
identified in these collections. Species from tgsus are known to be present
in the NT and these includ®@ acuminatus, P. brevifiloideendP. mackerrasi.
Specimens for these species have been collectad light traps in previous
studies (Lewis and Dyce, 1982). This study usebt ligaps year round; it is
likely that if Phlebotomusspecies were present in these areas they woulkl hav
been caught using light traps. Given this and caeibiwith the lack of
Phlebotomuscaught using other trapping methods such as stickys, the
flight trap and Shannon traps, it can be conclutted sand flies from the
Phlebotomusspecies either are not present or at very lowitdessat the TWP

and the Schomburgk Rd property.

Phlebotomine sand flies are the only biting fly Wmoto transmitLeishmania
worldwide. In the absence of a mammal-feediRglebotomus species,
Sergentomyiamust be considered as a candidate vector. In ¢Hewing
chapter th&sergentomyiaollection is screened fdueishmanianfection with a
view to implicate one of the four sand fly specéssa vector of Australian

Leishmania
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5. SCREENING PHLEBOTOMINE SAND FLIES FOR

AUSTRALIAN LEISHMANIA INFECTION

5.1. INTRODUCTION

One of the aims of this study was to implicate ecsgs of phlebotomine sand
fly as the vector of Australiabeishmania Traditionally, manual dissection of
the sand fly gut is used to detect flagellateshwitbsequent direct culture of
Leishmaniaspp. for identification. However this processabdur intensive and
requires considerable experience and expertisessection. In more recent
years, PCR has been used as a sensitive, speuifibigh throughput method

for the initial screening of field collected satiéd for vector incrimination.

Single or multi-copy genes targeted for PCR datectf Leishmaniainclude
KDNA (Aransayet al, 2000a), miniexon (Paivet al., 2006), glucosephosphate
isomerase (Wortmanet al, 2005), hsp70 (Garciat al, 2007), glucose-6-
phosphate dehydrogenase (Castéhal, 2003) and ribosomal RNA (Gomez-
Saladinet al, 2005). TheLeishmaniakDNA is a useful target as it has
approximately 10,000 copies per cell and its segeiehas already been
determined for most medically importam¢ishmaniaspecies. Due to the high
copy number the PCR can be sensitive for deteddbwgnumbers of parasites.
Aransayet al. (2000a). developed a semi-nested approach andiieyable to
identify at least eight different species béishmaniaand detect parasite
numbers as low as three per sand fly. Others heperted sensitivity of 0.1

parasites and 10 pg per assay (Katal, 2005, Ranasinghet al, 2008).

The miniexon is another repetitive element useddfetection. As previously
mentioned in section 2.2.9 the miniexon has 100ta@@emly repeated copies
per genome and like the kDNA is specific to trypsomatids. The miniexon

contains a genus conserved exon of 39 nucleotmespderately conserved
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intron (55-100 nucleotides) and a variable nondcabed spacer (Fernandets
al., 1994). The characteristics of the miniexon seqeailows it to be used to
detect parasites to the species level, a featunehwimas been utilised for
Leishmaniadiagnosis from tissue samples using restrictiognrant length
polymorphism (Marfureet al, 2003a, Marfuret al, 2003b). Miniexon primers
designed specifically for the subgen¥isnnia have been used fdeishmania
detection in field captured sand flies from the&lran state of Mato Grosso do
Sul. The miniexon PCR was compared to manual disseand PCR was
found to be more sensitive, detecting infectior8i80% of sand flies whereas
manual dissection detected infection in only 1.24%ivaet al, 2006). In this
study sand flies were PCR screened in pools obléave time, an advantage

for screening large numbers of sand flies.

Martin-Sanchezt al. (2006) adapted a PCR-ELISA method into a poolestre
PCR to estimate prevalence of infection in sanesfliPools of 30 sand flies
were used in the assay and the estimated prevalemse compared to
specimens individually dissected. They found thagvalence did not differ
between either of the methods used (Martin-Sanehak, 2001). However, by
pool screening sand flies, large numbers can beepsed quickly in the

laboratory saving time and money on labour and woables.

Host-feeding preferences under natural conditicars e investigated through
bloodmeal analysis of haematophagous insects. tioadily, bloodmeals have
been identified using serological methods, inclgdine precipitin test (Weitz,
1956), gel-diffusion assay (Crans, 1969) or ELIS@Burkot et al, 1981).
Serological assays require the production of spedintibodies against
potential host species. This can be time consummpin some situations when
the feeding preference for a sand fly is unknowis difficult to decide which
vertebrates should be targeted for antibody preomctAgain PCR-based
assays offer an alternative method. Haoaasl. (2007) developed a PCR
targeting the single copy prepronociceptin genaitbin the identification of
Leishmaniareservoir hosts via bloodmeal analysis. This genaised in
mammalian phylogenetic studies and many sequemees/ailable on Genbank
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to compare sequenced products using BLASTn. Mitodhal genes including
the 12S rDNA and cytochromb have also been targeted using PCR for
bloodmeal analysis in ticks and mosquitoes (Cadenak 2007, van den Hurk
et al, 2007). As mitochondrial genes are multi-copy skasitivity of the PCR

is increased when there are low quantities of tatepkuch as partially digested
bloodmeals. Van den Huk al. (2003) used a Tagman specific real-time PCR
targeting the cytochromke gene to identify bloodmeals in mosquitoes which
had fed on agile wallabies, brush-tail possumsoorr species of Australian
flying fox. This approach proved to be very sensitiallowing 93.4% of
bloodmeals to be identified.

To complement PCR-based assays for screening dmsdahd identifying
bloodmeals, researchers have also targeted inddét for identification of
phlebotomine species. Ka#t al. (Kato et al, 2005) used a PCR targeting the
nuclear 18S rDNA gene, followed by restriction frant polymorphism to
identify Lutzomyiaspecies screened by PCR fa. mexicanan the Andes of
Ecuador. This allowed all infected sand flies to éasily identified as
Lutzomyia ayacuchensifdvantages to using PCR-based methods include tha
they are relatively easy and large numbers of $ii@glcan be processed. PCR
amplification of the 18S rDNA gene of sand flies ¢ee used for quality testing
of sand fly DNA extractions and sequences can Imepaoed to other known
phlebotomine vectors via phylogenetic analysis (Aegyet al, 2000b, Katcet
al., 2007).

As described in chapter 4, 1885 female sand fties the genuSergentomyia
were collected and identified: a genus not yet enoto be involved in the
transmission of.eishmaniaanywhere in the world. In this section of the gtud
to help establish iBergentomyias involved in the transmission of Australian
Leishmania,a molecular characterisation &ergentomyiawas undertaken
using the 18S rDNA gene and using the Australiaishmaniaspecific real-
time PCR the collection was screenedlieishmaniainfection. In addition, as

the host feeding preferences are relatively unknofem Australian
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Sergentomyiathe vertebrate 12S rDNA PCR was selected for drtozal
analysis, using the primers designed by Cadehas. (2007).
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5.2. METHODS

5.2.1. DNA extraction of phlebotomine sand flies

Female phelbotomine sand flies collected and sartétle previously chapter
(section 4.2) were used for DNA extractions usirdjfierent kits. The majority
were extracted using the Qiagen DNeasy Blood & UEsKIit (Qiagen). The
Qiagen DNeasy Blood & Tissue Kit was used to ext@hlA from stored

female sand flies (4.2.4). Individual (x1) or pablsamples (1-10) were
homogenised in ATL buffer containing proteinaseriopto the digestion step.
After digestion, the manufacturer’'s protocol forimal tissues was followed.
Elution was carried out using 200 AE buffer which was run twice over the
Qiagen column leaving a final volume between 180to 200 L. DNA

extractions were stored at -20°C.

The Wizar@® Genomic DNA Purification Kit (Promega) was als@digor sand
fly DNA extractions following the manufacturer’s gtocol. Individual or
pooled samples were homogenised in Nuclei Lysisuttw containing
proteinase K prior to the digestion step, afteredigpn the manufacturer’s
protocol for preparation of mouse tail and tissysates was followed. DNA
was eluted using 200 pL DNase free water which muasthrough the column

twice. This resulted in 180 to 20Q of eluate which was stored at -20°C.

Some male sand flies were also processed indiidoaks pools to be used in
the optimisation of the real-time PQRishmaniadetection assay (2.2.9). These
were used as negative controls or positive contlglsspiking the DNA

extraction withLeishmaniaculture (2.2.3).

5.2.2. PCR and sequencing of the 18S rRNA gene from  Australian

sand flies.

The primers Lu.18S rRNA-1S 5- TGCCAGTAGTTATATGCTT&' and
Lu.18S rRNA-1R 5- TTACGCGCCTGCTGCCTTCC -3 (Katt al, 2005)
designed specifically for the partial sequencehefLiutzomyial8S rRNA gene
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were used to amplify the 18S rDNA from each spedreghe collection.
Reactions were carried out using the conditionsrifeed in Katoet al. with 0.4
M of primer, 2 mM of dNTPs (Roche), 1x reaction feuf(Qiagen), 1 U of
Taq polymerase (Qiagen) and L of DNA extract in a total volume of 25..
Thermocycling consisted of an initial denaturata@r®5°C for 2 min, followed
by 35 cycles of 95°C for 1 min, 55°C for 1 min aR@°C for 1 min. This
produced an expected product of approximately 4b@Pboducts were purified
using the QIAquick® PCR purification kit and seqoed. Quantification,
sequencing and sequence analysis were done asbhddsor section 2.2.11.
Two single sand fly DNA extractions, i.e. 2 spearsdor each species of
Sergentomyiavere used to make a consensus sequence, except vanella
where only one specimen was used. One PCR pradagtsequenced from

each chosen specimen using the same primers nugieel PCR.

5.2.3. 18S real-time PCR

The primers Ser: 18S-F 5-GTTTCTCAGGCTCCCTCTCC-8d&Ser: 18S-R
5-CTTGCACCGACGATAGATCA-3' were designed to amplifg 127 bp
region of the Australiaisergentomyid 8S rRNA gene. Reactions were set up
in duplicate and consisted of 1 x Platifu®YBR® Green qPCR SuperMix-
UDG (Invitrogen), 0.3 M of each primer and 2L neat DNA extraction in a
total volume of 10 L. Cycling conditions were: 50°C for 2 min, 95°Gr 2
min followed by 40 cycles of 95°C, 15 s; 60°C, 20/8°C, 30 s acquiring to
cycling A Green using the Rotor-Gene™ 2000 or 6(érbett Life Science).

5.2.4. Australian Leishmania screening using real-time PCR

Two microlitres of phlebotomine sand fly DNA exttawas screened for

AustralianLeishmaniausing the Tagman PCR described in section 2.2.9.
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5.2.5. Bloodmeal identification using PCR and sequ  encing

Individual female sand flies found to contain evide of a blood meal were
processed, identified and screened other femakkfian. Vertebrate DNA was
targeted for sequence analysis to identify sandbilyodmeals. A partial
sequence (155 bp) of the mitochondrial vertebra2& YRNA gene was
amplified using published primers 12S-6F 5-CAAACGGATTAGATACC-
3’ and B-12S9R 5-AGAACAGGCTCCTCTAG-3' (Cadenasal, 2007). The
reaction mix consisted of 1 x PCR buffer (Qiagéh?, mM dNTPs (Roche), 2
units of Taq DNA polymerase (Qiagen) and 2 of neat DNA extraction in a
50 L reaction. Thermocycling consisted of an initiehdturation step of 95°C
for 3 min, followed by 35 cycles of 95°C, 30 s;°62 30 s; 72°C, 30 s.
Purification, sequencing and analysis was perforageder section 2.2.11 using
the vertebrate 12S rRNA primers.
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5.3. RESULTS

5.3.1. 18S rRNA gene sequence analysis

A 449 bp consensus sequence (GenBank accessidsBd@3l7of the 18S rRNA
gene was produced for ti& queenslandsamples. BLASTn results showed
that this sequence matched closely wi#h magna(AJ391741) giving a
maximum identity of 99% (445/448 bp). The 437 bpsEnsus sequence Br
hoogstraali (1373371) also showed maximum identity of 99% (438 bp)
with S. magnawhile BLASTn analysis of 403 bp sequenced fi®nstandfasti
(1373382) gave 95% match & ghesquierg(387/405 bp)S. clydei(386/404
bp) andS. magna(385/404 bp). Only 308 bp db. vanella(1373366) was
sequenced due to a poorer sequence quality ancctingraintsS. vanellaalso

shared maximum identify wits. magnaf 99% (307/308).

All consensus sequences were trimmed down to thgtHeof S. vanella
sequence and aligned using ClustalW, including $henagnasequence, as
shown in Figure 5.1. The sequences $orvanellaand S. hoogstraaliwere
identical for this 309 bp. The only variation beémethese two species agd
queenslandiwere at positions 155, 156 and 157. Themagnasequence also
matched that of5. vanella S. hoogstraaliand S. queenslandwith variation
between these species once again only seen aibpesiics, 156 and 157. The
most divergent species appears toSestandfastwith nine polymorphisms
relative with theS. queenslandiequence.

5.3.2. 18S rRNA gene real-time PCR

The 18S rRNA gene real-time PCR was used duringyaggtimisation to test
for amplifiable DNA and inhibition in sand fly DNA&xtractions. The Qiagen
kit was found to be more reliable than the Wizaudfpration kit with lower Ct

values and tighter replicates (data not shown).
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| 1I0 [ 2I0 | 3IO | 4|0 | 5? | ‘
AAGGCTCAGTATAACAGCTATTATTTATTTGATCGTAAACATAGT TRETAACT
AAGGCTCAGTATAACAGCTATTATTTATTTGATCGTAAACATAGT TRETAACT
AAGGCTCAGTATAACAGCTATTATTTATTTGATCGTAAACATAGT TRETAACT
AAGGCTCAGTACAACAGCTATTATTTATTTGATCATAAACATAGT TRETAACT
AAGGCTCAGTATAACAGCTATTATTTATTTGATCGTAAACATAGT TRLETAACT

Fkkkkkk *

| 7I0 | 8I0 | 9IO | 1(?0 | ll|0 | i
GGTAATTCCAGAGCTAATACATGCAAACAACATGGATCCCTGTAGZATTBAN
GGTAATTCCAGAGCTAATACATGCAAACAACATGGATCCCTGTAGZATTBAN
GGTAATTCCAGAGCTAATACATGCAAACAACATGGATCCCTGTAGZATTBAN
GGTAATTCCAGAGCTAATACATGCAAACAACATGAATCCCTGTAGEZIBTASA
GGTAATTCCAGAGCTAATACATGCAAACAACATGGATCCCTGTAGZATTBAN

*kkk kk *

| 1|30 | 1£|10 | 15|O | 16|0 | l7|0 | 1
ATGTGCTTTTATTAGATTAAAACCATGTCCATCTCTCGATGGATTREFIATGAA
ATGTGCTTTTATTAGATTAAAACCATGTCCATCTTT-GATGGATTTAGATGAA
ATGTGCTTTTATTAGATTAAAACCATGTCCATCTTT-GATGGATTTATGATGAA
ATGTGCTTTTATTAGATTAAAACCATGTCCATTTAACGATGGATT-GGATGAA
ATGTGCTTTTATTAGATTAAAACCATGTCCATCTCT-GATGGATTTAGATGAA

*kkkk Fkkkkkk *

| 1|90 | 2C|)O | 2]|.O | 22|0 | 23|0 | 2
TGGATAATTATGGCTGATCGTATGGTCTTGCACCGACGATAGAT GATIKCAAG
TGGATAATTATGGCTGATCGTATGGTCTTGCACCGACGATAGAT GATIKCAAG
TGGATAATTATGGCTGATCGTATGGTCTTGCACCGACGATAGAT GATIKCAAG
TGGATAATTATGGCTGATCGTATGGTCTTGCACCGACGATAGAT GATIKCAAG
TGGATAATTATGGCTGATCGTATGGTCTTGCACCGACGATAGAT GATIKCAAG

Fkkkkkk *

| 2;50 | 2(|30 | 27|O | 28|0 | 290 3
CTATCAACTATTGATGGTAGTATAGAGGACTACCATGGTTGCAACIREEEIBAA
CTATCAACTATTGATGGTAGTATAGAGGACTACCATGGTTGCAACIREEEIBAA
CTATCAACTATTGATGGTAGTATAGAGGACTACCATGGTTGCAACIREEEIBAA
CTATCAACTATTGATGGTAGTATAGAGGACTACCATGGTTGCAACTREEEIBAA
CTATCAACTATTGATGGTAGTATAGAGGACTACCATGGTTGCAACIREEEIBAA

Fkkkkkk *

AGG%—I‘TTCGA
AGGGTTCGA
AGGGTTCGA
AGGGTTCCA
AGGGTTCGA

Fkkkkkk K

Figure 5.1: ClustalW alignment for partial sequenceof the Sergentomyia

18S rRNA gene.

Sequence comparison of 309 bp f@é&rgentomyiapp., includindgs. magna

(AJ391741).
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5.3.3. Sand fly screening

A combined total of 1818 female sand flies from WP and Schomburgk Rd.
were screened for AustraliabeishmaniaDNA using real-time PCR. The
numbers screened from each species are summanisEgble 5.1 and Figure
5.2. The majority screened wese queenslandof these 937/1697 (55%) were
recorded as gravid. Overall 954/1818 (52%) of fewmacreened were gravid
from all species. For the remainder there were soal features (refer to

section 6.2) to determine if they had previouslguaed a bloodmeal.

Sand flies were screened in all months of the {@a$. queenslandtigure 5.2.
The small numbers screened frhoogstraalandS. standfastwere restricted
to the wet season. All sand flies tested negatoreAustralian Leishmania
DNA.

Table 5.1: Total numbers of sand flies screened fdkustralian Leishmania.

Species No. of sand flies
Sergentomyia queenslandi 1697
Sergentomyia hoogstra 44
Sergentomyia vane 13
Sergentorria standfas 11
Sergentomyiispp. 53

Total 181¢
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Figure 5.2: Total sand flies screened from each mémof the year.
Includes all sand flies trapped between August 200&nuary 2009.

5.3.4. Sand fly bloodmeal analysis

The mitochondrial vertebrate 12S rRNA gene PCR evaployed to analyse 22
female sand flies with a suspected bloodmeal. Th&Sn results from

sequencing of PCR products are summarised in TaBleTen samples failed
to amplify any product or produced a faint prodwttich failed to sequence.
Twelve samples amplified single bands and sequgncesults gave the
BLASTN identity matches above 90%. In one sampl&IKR no_30209) two
separate PCR products were sequenced, one PCRcprodiched to human
DNA and the other PCR product matched to macropNé.DA further match

with human DNA was found in six sand flies and tacnopod DNA in one

other sample (MSHR no_201275). BLASTn results galesest matches with
reptiles including gecko, lizard and goanna in fbloodmeal samples. Finally,
one PCR product from (MSHR no_200097) matched witiphibian DNA.
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Table 5.2: Sand fly bloodmeal analysis.

MSHR_Num Collection Specie BLASTN result Identity (%)
Date
200097  21/09/2006 S. queenslandi Litoria rubella 80/87 (91%)
(Desert tree frog)
. 84/84
200272 14/10/2006 S. queenslandi Human (100%)
200315 14/11/2006 S. queenslandi No product -
200380 5/12/2006 S. queenslandi No product -
. 90/90
200369 5/12/2006 S. queenslandi Human (100%)
. Strophurus williams 0
200396 6/12/2006 Sergentomyiap. (Spiny-tailed gecko) 76/81 (93%)
Hemidactylus frenati 100/101
200647 18/02/2007 S. standfasti (Common house
(99%)
gecko)
200941 27/09/2007 S. queenslandi Faint product -
200981 5/12/2007 S. queenslandi Human 93/94 (98%)
201006 23/10/2007 S. queenslandi Human 70/73 (95%)
201044 26/10/2007 S. queenslandi No product -
201108 27/11/2007 S. queenslandi No product -
201196 29/11/2007 S. queenslandi Faint product -
201207 29/11/2007 S. queenslandi Faint product -
201222 29/11/2007 S. queenslandi Human 74/80 (92%)
. Lagorchestes hirsut 92/92
201275 30/11/2007 S. queenslandi (Macropod) (100%)
201746 30/07/2008 S. queenslandi Faint product -
202154 21/11/2008 S. queenslandi Faint product -
Crytoblepharou 95/103
202301 29/11/2008 S. queenslandi boutonii
. (92%)
(Lizard)
202310 29/11/2008 S. queenslandi No product -
202311  29/11/2008 S.queenslandi ~ Y&rANUSMEENs  a201 9506)
(Goanna)
Human &Potorous 83190 (92%,
300209 30/11/2007 S. queenslandi & 93/93
platyops(Macropod) (100%)
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5.4. DISCUSSION

Sequence analysis of the consend&@5 rRNArevealed that the Australian
Sergentomyisspecies were most closely related to an Afri&angentomyia
spp., in particula6. magnaThis genus is distributed throughout the Old \Worl
and is particularly abundant in tropical areas whrlebotomuss rare (Lane,
1993). The divergence @. standfastirom the other three species present in
the collection is interesting. From the sequencalysis it appears that
AustralianS. queenslandB. vanellaandS. hoogstraalare more closely related
to S. magndound in Africa tharS. standfastis to this species. The molecular
divergence ofS. standfastseen in the alignment suggests very different sand
fly morphology and behaviour. Little is known ab&itstandfastin Australia
and this collection represents one of only threllections ever made; other
specimens have been collected at Nourlangie andgMhbdrri station, both in
the NT (Lewis and Dyce, 1988). The most strikingrpimlogical difference
betweenS. standfastiand the other three species is the heavily pigatent
cibarium as shown in Figure 4.6. Further analysis & broader coverage of
the 18S rRNAregion using larger number of sequences f&srgentomyispp.

would give further insights into this interestingesies and its origins.

All 1818 female sand flies screened from our cdidec using real-time PCR
were negative for AustralidreishmaniaThis represents the majority of female
sand flies collected over the period August 2008&aouary 2009 (section 4.3)

in known areas of existing transmission.

There is no defined rule for the total numbers afds flies required to be
screened to discount them as vectors. In publigsketbr studies the prevalence
of infection and numbers of sand flies screenedesalOshaghet al. (2009)
reported a 0.94% (9/954) infection rate fBr perfeliewi transaucasicus
specimens individually screened using semi-nesteR Rargeting the KDNA.
This evidence, in combination with its relative adance and preference for
human blood, was enough to prove tRatperfeliewi transaucasicuglays a

major role in VL transmission in Iran.
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In contrast another study screened small numbemixéd sand fly species
collections from two localities in Ecuador (Chanchend Alausi). PCR results
indicated 1.7% (2/115) and 5.9% (4/68) prevalentcénfection respectively
(Kato et al, 2005). TheLe. mexicananfected sand flies from mixed screening
were subsequently identified &s.. ayacuchensjsthus incriminating them as

vectors ofLeishmanian the regions studied.

A sand fly survey was conducted at the Tahill AmsB in Iraq during the
months April-October 2003 and again in 2004. In2084 survey a total of 10
115 female sand flies were screened using a gehershmaniaPCR. The
prevalence of infection for pooled samples (683Igoaverage 12 per pool)
screening varied from 19.05-39.34% over the sapddhson (Colemaet al,
2006).

During the present study 1697 8f queenslandirapped throughout the year
were screened by PCR and shown to be negativehe®€t55% were found to
be gravid indicating they had at least acquired loloedmeal It could not be
determined if the other specimensSfqueenslandaad previously acquired a
bloodmeal before being screened. Thus, even altpvian a prevalence of
infection of less than 1%, it is likely at leasp®sitive sand flies would have
been detected. It is unlikely, if this species whe vector of Australian

Leishmaniathat no specimens in the collection would be shtavbe infected.

In contrast less than 50 sand flies for each ofother species in our collection
were screened, and therefore this is probably ficgerit numbers to rule them
out as possible vectors of Australidishmania However, given the low

abundance relative t8. queenslandit would still appear they are unlikely

vector candidates.

Further evidence that Australi@grgentomyigpp. may not be playing a role in
Leishmaniatransmission is given in the bloodmeal analysssilts. The genera
Sergentomyiaare considered to feed predominately on reptilesé, 1993,

Lewis and Dyce, 1988). However there are some gpéhat are known to bite

human, for example fd8. garnhamiS. babuandS. schwetziMukherjeeet al,
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1997, Lawyeret al, 1990, Mutingaet al, 1994). There is little evidence that
any of the Australisergentomyiapp. or everPhlebotomuspp. are normally
anthropophilic. Bloodmeal results from the presestudy indicate that
Australian Sergentomyideed predominately on reptiles and amphibians. The
results showing the source of bloodmeal as humanpesbably artefacts of
DNA extraction contamination, noting that the nonpdate controls in PCR
reactions were negative. Evidence of contaminasashown by the incidence
of two results from a single sample (macropod/hunaard also in a faint band
seen from a PCR carried out on a male sand flya(dat shown). There are
several possible sources of this contamination. fireepotential source is the
sand fly field collection and dissection, with humBNA possibly present
on/or within trap collection containers and dissertneedles/tweezers when
sorting and identifying sand flies. The finding wlacropod as a bloodmeal
source is also suspect. The same DNA extractios used for tissue DNA
extractions in chapters 2 and 3 were also useDIfk extraction from sand fly
bloodmeals. Despite careful aseptic technique heduse of sterile filter-tips,
this sensitive cross-species specific vertebrat® RCthe absence of enough
genuine bloodmeal template DNA may amplify contaatimg foreign
template.

In conclusion, the evidence presented indicatesitlis unlikely phlebotomine
sand flies play any role in Australidoeishmaniatransmission. There are
numerous reasons for this. Firstly, all sand fteflected wereSergentomyia
spp., showing a blood-feeding preference for reptiSecondly, all female sand
flies screened using an extremely sensitive Auatrdleishmaniaspecific real-
time PCR (section 2.2.9/2.3.5) were negative. Ringiven the prevalence of
Leishmaniainfection in macropods from the same environmerg extremely
probable positive sand flies would have been ctdbbdf they were present. In
the absence of a phlebotomine sand fly vector ciatelian alternative route of

transmission must be considered.
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6. DISCOVERY OF AUSTRALIAN LEISHMANIA
INFECTION IN DAY-FEEDING MIDGES, FORCIPOMYIA,
SUBGENUS LASIOHELEA KIEFFER (DIPTERA:

CERATOPOGONIDAE)

6.1. INTRODUCTION

Despite extensive collections, bloodmeal analysi r@al-time PCR screening
of phlebotomine sand flies, no evidence was founsuggest that these insects

transmit AustraliaeishmaniaThus an alternative vector must be considered.

Incriminating a vector foLeishmaniais difficult and there are examples where
the vector for zoonotic leishmaniasis is still uakm. Examples already
mentioned include CL caused hg. donovanin Sri Lanka (Nawaratnat al,
2009), the suspected néwishmaniaspecies causing VL in Thailand (Sukmee
et al, 2008) and CL caused he. majorin Taiwan (Leeet al, 2009, Katakura,
2009). In order to incriminate a vector fbeishmaniacausing zoonotic CL
several criteria must be satisfied. As previousscudssed in chapter 1 (section

1.5.4) these include the following:
A) the vector species feeds on the reservoir and hinosty

B) the vector supports full development of the paeasitd is not excreted

with the bloodmeal,

C) the parasites found in the vector are indistingalié from those found

in the human and reservaoir,

D) and finally, transmission must occur through thee lmf the sand fly
vector (Killick-Kendrick, 1999).
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In the NT biting flies are common pests of botlesitock and humans and their
blood-feeding behaviour has been studied. An ekterstudy conducted from
November 1974 to December 1976 on the bloodmealsitiofly midges and
mosquitoes at Beatrice Hill (55 km south-east ofvida) gives some clues
toward the identity of potential alternative vestaf AustralianLeishmania
Bloodmeals were identified using the agar-diffusgnecipitin technique and
the haemaglutination-inhibition test from over 1Q@0Mhsects (7000 biting
midges, 4000 mosquitoes). Species highlighted is #tudy that fed on
marsupials (predominantly agile wallabies) includ@ce species of biting
midgeCulicoides brevitarsiKieffer, C. bundyensitee & ReyeC. marksiLee

& Reye, Co. pallidothoraxLee & Reye and C. sp. marmoratus(Skuse). A
wide variety of mosquito (Diptera: Culicidae) sp=ciwere found with
marsupial bloodmeals includingedes lineatopennisudlow, Ae. reesiKing,
Ae. vigilax (Skuse) An. annulipesialker, An. bancroftiiGiles, Coquillettidia
xanthogasterCx annulirostris Cx. pullusTheobald,Cx. quinquefasciatuSay
and Ma. uniforms(Muller et al, 1981). The day-feeding biting midgE,
(Lasiohelea) spp. Kieffer also had six bloodmeals identified,thwifour
confirmed as of marsupial origin (Mullet al, 1981). The biting midges from
this genus differ in behaviour to tailicoidesgenus in that they have a diurnal
biting behaviour whereas th€ulicoides spp. are generally crepuscular or
nocturnal (Kettle, 1984a, Muller and Murray, 1977).

The Culicoidesspp. are capable of acquiring several bloodmetgeloping
eggs and oviposition in two to four days dependimgthe species (Kettle,
1984a). In the laboratory, adult day-feedig (L.) townsvillensisegg
development takes four to five days and adultsstaemive up to 30 days(Cribb,
2000). As previously discussed in chapter 1 (secfic8.4) theLeishmania
promastigote replicates within the sand fly gutrogeperiod of four to five
days. This means that biting midges with the appate lifecycle could

theoretically transmiteishmania

As previously mentioned in chapter 4 biting midgesd mosquitoes were
observed feeding on tame agile wallabies duringogheration of the Shannon
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trap. During the day the TWP veterinarian has alsted the persistent biting of
midges during the transportation of the infecteacklwallaroo (section 2.3.1)
between enclosures (Jody Low Ch@ersonal communicatiops | also
observed the intense biting of humans and animglfliés from the family
Tabanidae (horse fly/march fly) during the courééhes study. This persistent
biting behaviour could result in mechanical trarssiun of Leishmania As
mentioned in chapter 1 (section 1.5.5) mechanrealsmission of.e. majorby
Glossina morsitans morsitan@iptera: Glossinidae) antle. mexicanaby
Stomoxys calitrangDiptera: Muscidae) has been experimentally dentnatesl
(Lainson and Southgate, 1965, Lightner and Rob&®84).

In this chapter we utilise stored insect collectiaa further screen biting flies
for Australian Leishmania To target day-feeding insects further collections
were undertaken using both ¢€@aps and manual aspiration on captive
wildlife. Observations, screening using real-timéR? manual gut dissection
and immunohistochemistry have implicated a non-$imneector for Australian
Leishmania
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6.2. METHODS

6.2.1. Identification and pooling of biting midges from light trap,

flight trap and sticky trap collections

Biting midges were sorted from stored TWP lightptrand sticky trap
collections (section 4.2.4). Initially all bitingidges were sorted in pools of up
to 10 specimens without the identification of geneubsequentlZulicoides
spp. were separated (patterned wings) and the espédentified using the
unpublished taxonomic key for NT and WA speciesetigped by Anderson
and Bellis for the identificatiorCulicoides spp. using visible characters of
unmounted specimens. Using this key each specieemified using distinct
patterns seen on the wings (Bellis and Anderso®9R0In addition only
Culicoides specimens that were parous were selected for rsngeeParous
midges have a burgundy pigmentation indicating thaye previously laid
eggs, i.e. they have undergone at least one ovayer (Dyce, 1969) (Figure
6.1).

Thirteen pools oC. bundyensiand12 pools ofC. marksi,collected from light
traps placed at Beatrice Hill farm in 2008, weredky identified and provided

by Glenn Bellis (NT Australian Quarantine Inspenti®ervice).

Day-feeding midges caught in TWP light, flight asticky traps from the
subgenud asioheleawere distinguished from other biting midges byirtipdain
transparent wings, usually brown bodies and 15 seggd antennae that

ending in terminal papillae (Figure 6.1).
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Figure 6.1: Parousday-feeding midge of the genuBorcipomyie, subgenus
Lasiohelea

This specimen also contains a partial bloodi (arrow).Source ID 100015
(Appendix9.1).

6.2.2. Day CO, traps and manual a spiration from macropods

The standard miniwure CDClight trap model 1012 (John W. Hock Compar
was used as a day ( trap with thelight switched of. This trap was
supplemented with C, by attaching the billy an used for EVS aps
containing dry ic. The protective cover (Figure 4.4M&)as removed to allow
the CQ to flow toward: the fan as shown in Figure 8.2Traps were operated
between 0930 and 15.

Inseds observedanding to bitecaptive wildlife during the day we collected
by directly aspirating fror wildlife using a homewnade Castt aspirator
(Alexander, 200(. This process carried out fperiods ofl-2 h between 0930
and 1530 as shown Figure 6.2B.

Specimens collected using either of these methaas wtored in 0% ethanol
or transported live cice to the laboratory for dissectit The majority of day-
feedingF. (Lasiohelea sp.were selected based on their parity and gravie

for individual AustralianLeishmaniascreening although some specimens
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nulliparous (no previous ovarian cycle) females evercluded as negative
controls. In addition, some specimens were alsd tmebloodmeal analysis as

well as AustraliarLeishmaniascreening.

A) B)
Figure 6.2: Day-feeding insect trapping.
A) Day CQ trap. B) Manual aspiration from captive wildlife.

6.2.3. Slide preparation and identification of F. (Lasiohelea)

species

Day-feeding midges that had been manually disseotedindergone non-
destructive DNA extraction were mounted for ideoéfion following the

method by Meiswinkel (1995). Briefly, individual sgmens were put in 96%
ethanol for 1 hr and cleared in 10% KOH overnidiite KOH was neutralised
and the specimens were dehydrated in 10% aceticfaci30 min. Specimens
were then transferred to 96% ethanol for 2 h andhensed in clove oil for a
minimum of 12 h before mounting specimens in Eup@vieiswinkel, 1995).

Species identification was carried out using thédam taxonomic key for
Australasian species (Debenham, 1983). The ideatifin of species within
our collection was simplified using the segmentofithe maxillary palpus and
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the capitate sensilla (located on the palpus) whkanty in shape and structure,
respectively, for each of the collected specieguifd 6.3). Advice was sought
from an expert on Australian biting midges, Dr Ntai$hivas, who confirmed
that a new undescribed species was present in diection. Along, with
differing palpi in female specimens, the teeth be tmandibles for thé-.
(Lasiohelea)h. sp. were larger and more defined (sharper)peoed toF. (L).

townsvillensisandF. (L). peregrinator

Specimens of. (L). townsvillensidfrom the Brisbane area, QLD were kindly
provided by Dr Martin Shivas (Brisbane City Coupédr comparison with NT

specimens both morphologically and genetically.

A B x
Figure 6.3: Distinct palpi from the F. (Lasiohelea)n. sp. and NTF. (L.)

townsvillensis.

A) F. (Lasiohelean. sp., the capitate sensilla (arrowed) are tisteid
sporadically (x400). B) NF. (L.) townsvillensisthesensilla lie within a
clearly defined border (x400).

6.2.4. DNA extraction and real-time PCR screening

DNA was extracted from individual or biting midgegss as per section 5.2.1.

A non-destructive method was also used for extnigddNA from day-feeding
midges. Individual specimens were digested for i the proteinase K/ALT
solution without homogenisation. Intact individsamples were then removed
for morphological identification (section 6.2.3)hd remaining solution was

then purified as per section 5.2.1
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6.2.5. Manual dissection of F. (Lasiohelea) species

Manual dissection of live female day-feedifg (Lasiohelea)sp. caught by
manual aspiration and day @DC traps was performed for a subset of
midges. The insects were placed on ice in a siB@lhim diameter) Petri dish
containing 0.05% Tween 20 in 1 x PBS until dissettiAfter placing each
specimen on a microslide (76x26 mm), the head wasved from the thorax
allowing the foregut to slide out of the head. Fireedles were used to hold the
thorax while the last segment of the abdomen wightsl cut. The gut was
gently removed from the lower abdomen by placingspure (using the fine
needles) on the thorax and abdomen and pullingjposite directions. A cover
slip was placed over the gut and examined for flags under high power
magnification (x400/x1000).

6.2.6. Invitro culture and DNA sequence confirmation of Australia n

Leishmania infected F. (Lasiohelea) species

Protozoa identified within the intestinal tractsnoidges were used to inoculate
cultures by pipetting 50L of 1 x PBS onto the dissection slide and gently
resuspending the solution over the dissected dida.was then transferred to
an NNN culture media flask and cultured as perice@.2.3. To confirm the
protozoa were AustraliarLeishmania DNA extraction, PCR and partial
sequencing of the RNA polymerase subunit Il gens warried out as per
sections 2.2.8 and 2.2.11.

6.2.7. Bloodmeal analysis

Bloodmeal analysis for day-feeding was carried gismethod outlinedin

section 5.2.5
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6.2.8. PCR, cloning and sequencing of the ITS1-ITS2 of the

ribosomal RNA gene for F. (Lasiohelea) species

The partial sequence for the ribosomal DNA regiénCalicoides oxystoma
(AB462279) was used to manually design the PCR gmsmmidge.ITSa, 5'-
TGAACCTGCGGAAGGATC-3’ and midge.ITSb, 5'-
TCACACATGAGTTGAGGTCG-3'. 1 L of DNA extract was used in a 2%

reaction containing a final concentration of 1 xRPGuffer (Qiagen), 0.4 M

primer, 0.2 mM dNTPs and 1 U of Taq polymerase gém. Thermocycling
consisted of 35 cycles of 95°C for 30 s, 63°C fOrs3and 72°C for 45 s. This
produced a PCR product of approximately 700 bp. P&Ructs were purified
using the MinElute purification kit (Qiagen) and BNvas quantified as per
section 2.2.11 . PCR products were cloned usingptBEM-T Easy vector
system (Promega). Ligations were performed accgrthnthe manufacturer’s
protocol, containing 1 x ligation buffer, 50 ng t@&c 1-3 L PCR product, 3 U
T4 DNA ligase and dkD to a final volume of 10L. Ligations were usually

incubated at 4°C overnight.

Bacterial strains DH5 or XL1-Blue Escherichia col were used for
transformations. To prepare competent cells, 10statter culture was used to
inoculate 200 mL LB (10% tryptone, 0.5% yeast etir@.5% NacCl), and cells
were grown at 37°C with shaking to an &®of 0.5-0.6. Cells were then
briefly rested on ice prior to centrifugation atdo®0g for 30 min at 4°C. The
pellets were washed in 40 mL ice-cold giHand centrifuged for 25 min. The
wash was repeated, and cells were resuspendedinie-cold 10% glycerol
prior to final centrifugation. Finally, the cell lpets were resuspended in 270

10% glycerol and stored in 4Q aliquots at -80°C until use.

The competent cells (40.) were mixed with 2 L of ligation and transformed
using electroporation. Cells were then resuspemae2D0 L LB media and

plated onto LB-agar supplemented with 3mL ampicillin, 0.5 mM IPTG

and 80 g/mL X-Gal and incubated at 37°C overnight.

145



To screen recombinants, white colonies were pickgdg a sterile toothpick,
subcultured onto a reference plate and agitat&® i. dH,O. The water stock
was incubated at 95°C for 15 min, cooled on ice @ardrifuged for 3 min. 1-2

L of the supernatant was used as a template for @€y M13 vector or
insert primers.

Plasmid DNA was purified using Qiagen Miniprep kicording to the
manufacturer’s protocols. Quantification was catroeit by gel electrophoresis
and sequencing was carried out as per section 12.21 clones were

sequenced using M13 vector primers.

6.2.9. Development of a high resolution melt analys is assay to
differentiate F. (Lasiohelea) species

Primer sets were designed in two regions of théghigrsequenced ribosomal
RNA gene ofF. (Lasiohelea)

The first primer set amplified 139 bp of the 5 i@y of ITS1. Duplicate
reactions were each set up in 10using 0.5 M of the primers 5’-ITS1-F, 5'-
CCTGCGGAAGGATCATTATT-3 and 5-ITS1-R, 5'-
GCAAAATTCTTTAAAGCTCATCG-3, 1 x Platinun? SYBR® Green qPCR
SuperMix-UDG (Invitrogen) and 4L DNA extraction diluted 1/10 in diD.
Cycling conditions were: 50°C for 2 min, 95°C fonin followed by 35 cycles
of 95°C, 20 s; 56°C, 20 s; 72°C, 40 s acquiringyoling A Green using the
Rotor-Gene™ -Gene™ 6000 (Corbett Life Science). high resolution melt
(HRM) was set to ramp from 70°C to 78°C rising byl°@ for each step
acquiring to HRMA on HRM. The HRM also included eepnelt conditioning
of 90 s on the first step and 2 s wait for eacp sféerwards. Gain optimisation

was performed using default settings.

The second primer set amplified 129 bp of ITS2a. L@eactions were set up
as above using the primers L-ITS-F2, 5-CGTGTCAC@HAIGAACTGC-3’
and L-ITS-R2, 5-CGACACTCAACCATGTGTACCT-3. Realftie PCR
cycling and the HRM was set as above ramping fr8AC %o 83°C.
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HRM curves were analysed using the Rotor-Gene™vao& 1.7 (Corbett Life

Science). Normalisation of HRM curves was performeohg a leading range
of 75-76°C and trailing range 79-80°C. The confidepercentage threshold
was set to 80%. In every run a control DNA exti@ctior each known species

morphologically identified was included.

Finally, specimens of. (L.). peregrinatorwere sequenced by cloning a PCR
product amplified using the primers ITSa and L-IR3- PCR conditions,

cloning and sequencing was carried out as perose6tR.8.

6.2.10. Preparation of cut slides of F. (Lasiohelea) species

used in immunohistochemistry

Day-feeding F. (Lasiohelea)were collected and fixed in 10% formalin.
Preparation of the laterally cut slides was caroedt by technical staff at the
BVL. Formalin fixed specimens were transferred touB’s solution for 4 h

and then Carnoy’s fluid (60% methanol or ethan®%3chloroform & 10%

glacial acetic acid) for 2 h. Midges were theniset drop of 1% agarose using
a mould tray (used for embedding tissue) and atedt using a dissection
microscope. The drop of agarose containing the enidgas then gently
removed from the mould and placed in a cassettehtd biopsy pads placed
on the top and bottom. This was then left in methdor 4 h and the agarose
plug was cut as per standard histological sectwnis slides. Each midge was

cut into lateral sections which varied between 0.

Immunohistochemistry on midge sections was cawoigds per section 2.2.7.
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6.3. RESULTS

6.3.1. Identification and real-time PCR screening o f biting midges
from light, sticky and flight traps

Initially 11 pools of mixed biting midges were sened for Australian
Leishmaniaby PCR. These pools were collected from three QD& traps

placed at the TWP in September and October 200Foskive real-time PCR
result was obtained from one mixed pool of unidexdi midges collected on
the 27/10/2007 (Table 6.1).

Subsequently, further pools were sorted and spednuentified to the genus
or species level for PCR screening. These wereirsatafrom various light
traps placed at the TWP during the period Septerd@b@v — September 2008.
In addition two pools of biting midges were sorgetti PCR screened from the
August 2008 flight trap and various specimens fatitky traps. None of these
pools were positive.
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Table 6.1: Real-time PCR screening foLeishmaniain biting midges.

Species No. of pools  Total screened Positive pool
Unknown* 11 101 1
C. ornatusspp' 41 457 0
C. marksi 4 325 0
Culicoidessp. (vic #42) 4 17 0
C. bundyensis 29 261 0
C. oxystoma 2 11 0
C. pereginus 2 20 0
F. (Lasioheleakpp. 9 31 0
Total 102 1223 1

*Unidentified mixed pool of biting midges collectéulight traps.” Includes
undescribed speciesnatus#2 andvic #42.

6.3.2. Pooled real-time PCR screening of F. (Lasiohelea) species

In January 2009, an abundance of day-feeding miggae observed biting
macropods at the TWP. These were identified froengénerdorcipomyiaand
black flies (Simuliidae), the latter being a largblack biting midge (Figure
6.4). In total 5 pools of. (Lasiohelea)spp. containing 2-5 specimens each
were screened for Australidreishmania Of these, 10 midges were collected
from day CQ traps (3 pools) and 7 were caught using manuatadsm (2
pools). 3 pools of the 5 were real-time PCR posjt& pools came from GO
traps located at the picnic ground and 1 pool whtioed from manual
aspiration off a northern wallaroo located in theue enclosure. These

specimens did not contain bloodmeals.

6.3.3. Manual gut dissection of F. (Lasiohelea) species

To further investigate this finding 55 live day-fieg midge specimens were

collected, dissected and microscopically examired_€ishmaniaflagellates.
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From these dissections three midges were found infétctions, source ID
100623 F. (Lasiohelea)n. sp.), 100073 and 10007F.((Lasiohelea)sp.)

(Appendix 9.1). Two of these dissections which wglieced into culture. The
first cultured (100073) became contaminated and avesarded. The second
culture (100077) was confirmed as Australisishmaniaby partial sequencing
of the RNA polymerase subunit 1l gene. The forwamfuencing matched
615/618 bp (99.6%) to the Australidreishmaniasequence determined in
chapter 2. The reverse sequencing matched 5765 800%). Mismatches in
the forward sequencing may have been a resulfTaj polymerase or
sequencing errors. Multiple PCR products were remjuenced to make a

consensus sequence for the 100077 culture.

Large numbers of parasites were observed in @ktpositive dissections. In
the first positive dissection (100623) the prongasis appeared stuck to
together in a moving mass which resembled a PS& (pligure 6.5A/Figure
6.5B). The position of this plug within the gut wdifficult to determine
because the gut was ruptured and damaged by sectitm process. This was

a problem was also eccounted in the other podilis&ections.

Various morphologies were stained in each dissechiothe third positive
dissection (Figure 6.5C), the promastigotes hadgpearance of metacyclics
as their flagellum was greater in length than théyband the body was quite
elongated and narrow (Professor Paul Bagessonal communicatiohs
Promastigotes with similar morphology were alsansedhe other two positive

dissections (images not shown).
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Black flies F. (Lasioheleakp.

/

Figure 6.4: Tail of an antilopine wallaroo with attacking day-feeding midges.
Both F. (Lasioheleappp andthe slightly larger black flies (Simuliidae) areegebiting in this image (photo - R. Arbon).



<+— PSC-like plug —»

A B C

Figure 6.5:F. (Lasiohelea)sp. manual gut dissection with a PSG-like plug.

A) Dissected gut and PSG-like plug (x100) [10006E3]PSG-like plug (x400) [1000623] , C) Diff-quik&ained promastigotes
(x1000) [100077].



6.3.4. Species identification and real-time PCR scr eening of F.

(Lasiohelea) species

The total numbers of day-feeding midges individpatreened by dissection
and real-time PCR for Australiaheishmania are shown in Table 6.2.
Specimens detailed in this table were identifiedgisnorphology and /or HRM
analysis of the ITS2a (section 6.3.8). On 22 ooresimidges were unable to be
identified, as specimens were either not storedr afissection or were too
damaged for morphological identification.

All Australian Leishmaniapositive midges were caught by either manual
aspiration or day COtraps between January 2009 and April 2009. Two
positive samples of. (L). peregrinatorwere caught by manual aspiration on
the 11/03/2009 (Table G@Pable 6.3). The midge species with the highest
prevalence ofLeishmaniainfection at 14% (8/59) was identified as a new
undescribedr. (Lasioheleah. sp. in Australia.

No positive midges were found in flight traps sdrfeom the September 2008,
October 2008 and January 2009 collections. The mbajof flight trap

specimens were identified &s(L). peregrinaton(32/39).

Table 6.2: Identification and individual screeningof the F. (Lasiohelea)
spp. collection.

Species Total No. infected by No. positive by real-

dissection (%) time PCR (%)
F. (L). peregrinator 39 0/2 2/37 (5)
F. (L). townsvillensis 93 0/20 0/72
F. (Lasiohelee n. sf.
(undescribed *) 59 1/14 (7) 7145 (16)
F. (Lasiohelee spp’ 22 2/19 (10) 0/3
213 55 150

Total
*new species oF. (Lasiohelea) not identified to a species level.




The midges which were real-time PCR positive fos#alianLeishmaniaare
shown in Table 6.3The individually screenef. (Lasiohelean. sp. andr. (L).
peregrinator species were all collected by manual aspirationJamuary,
February and March 2009.

Real-time PCR estimates for the number of parasitesalso shown. The
highest parasite loads were seen inRhéLasiohelean. sp. A total of 4/7 of
these individuals were estimated to havel.6 x 16 parasites/midge.
Bloodmeals were found in two positife (Lasiohelea)n. sp., one individual

with a partial bloodmeal showed a high parasitd.loa

The two positive midges frork. (L). peregrinatorappeared to have lower

parasite loads (1.6 x 1 parasites/midge) than tire (Lasioheleah. sp.

In the three positive pooled samples from the ahithvestigation the parasite
load was high in two sample8.9 x 10 parasites/DNA extraction. The pooled
samples showing high parasite numbers are also f&@m traps. In these

samples it could not be determined if there wasentioan one positive midge in

the pool.
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Table 6.3: Details of real-time PCR_eishmaniapositive day-feedingF. (Lasiohelea)spp.

No.

midges. Species Date Method Gravid state Ct Est. no. pardss
1 F. (Lasiohelean. sp. 6/02/2009 Manual aspiration Parous 18.79 4.4% 10
1 F. (Lasiohelean. sp. 6/02/2009 Manual aspiration Parous 20.14 1.6% 10
1 F. (Lasiohelean. sp. 6/02/2009 Manual aspiration Parous 28.04 4.9% 10
1 F. (Lasiohelean. sp. 2/02/2009 Manual aspiration Half bloodmeal 18.36 1610
1 F. (Lasiohelean. sp. 4/02/2009 Manual aspiration Bloodmeal 25.79 2.8%1
1 F. (Lasiohelean. sp. 11/03/2009 Manual aspiration Parous 20.05 1.7°x 10
1 F. (Lasiohelean. sp. 17/03/2009 Manual aspiration Parous 31.81 31
1 F. (L). peregrinator 11/03/2009 Manual aspiration Parous 32.3 21
1 F. (L). peregrinator 11/03/2009 Manual aspiration Parous 26.4 1.6% 10
3 F. (Lasiohelean. sp.* 20/01/2009 CQtrap Parous 18.95 3.9 x10
5 F. (Lasioheleah. sp.* 21/01/2009 Manual aspiration Parous 29.91 1.2% 10
5 F. (Lasiohelean. sp.* 21/01/2009 CQtrap Parous 17.22 1.4 x40

*pooled specimens which were identified by HRM gsa and may have contained more than one species.



6.3.5. Bloodmeal analysis of F. (Lasiohelea) species

In theF. (Lasiohelea)ksp. collection (Table 6.2), 32 midges containediglaor
full bloodmeals. In five of these 32 midges, bloadits were found during
dissection. These partial bloodmeals were not se¢ihthe gut was removed.
The other 27 midges partial or full bloodmeal melgeere sorted after being
preserved in 70% ethanol.

The vertebrate mitochondrial 12S rRNA PCR was gitech on 10 non-
destructive DNA extractions of these midges. Ine¢hrsamples there was
sufficient PCR product to be sequenced. The BLASEaquence results of these
samples is shown in Table 6.4.

The twoF. (L). peregrinatorspecimensvere caught using the flight trap, while
the F. (Lasiohelea)n. sp. specimen was caught by manual aspiratam fn

infected northern wallaroo.

Table 6.4: Day-feeding midge bloodmeal analysis.

MSHR_Num Date Species BLASTnN result Identity (%)
100230  29/10/2008 (L Canis lupu 78180 (97%)
peregrinator (Dog)
100239 20/10/2008 (L Macropus parry 4559 46 (9205
peregrinator (Macropod)
100443 03/02/2009 F. (Lasiohelea) Potorous platyops 83/84 (98%),
n. sp. (Macropod)

6.3.6. Immunohistochemistry of F. (Lasiohelea) species

Eighteen day-feedingF. (Lasiohelea) sp. specimens collected between
February and April 2009 were preserved in 10% fdirmand paraffin
embedded. For five midges all cut slides were sthiwith haematoxylin and
eosin then examined. However no flagellate formshiwi the gut were
observed.



For the remaining 13 midges every second sectiors w&ined with
haematoxylin and eosin to monitor progression ofises through the gut. This
helped to identify which slide of the midge continmidgut and anterior
midgut with the intervening sections chosen for inmahistochemistry. A total
of 16 slides from 13 different midges (not idemtifito species level) were
chosen for immunostaining. Two control tissue dideere included in the
staining process, one a positive control northeaflaroo skin lesion (07-1233)
and a negative control skin from agile wallaby w&babies (08-1263) bound
with polyclonal mouse antieishmaniaantibody raised against Australian
SLA, (section 2.2.4). One midge section was bouitd mormal mouse serum
to monitor background IgG binding and the remainirdyslides chosen from
each midge (plus 3 control slides) were bound waitiyclonal mouse anti-
Leishmaniaantibody. The cut sections for midge no. 13 and®are shown in
Figure 6.6. In the haematoxylin and eosin stainectien (Figure 6.6A) the
stomodeal valve, anterior midgut, midgut and hiridape clearly visible. The
binding of the mouse antieishmaniaantibody can be seen in the stomodeal
valve (Figure 6.6C) and wall of the midgut (Fig@éréD). The remaining slides
were negative for staining within the gut, as shdwmmidge no. 10 in (Figure
6.6B).
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/ Stomodeal valve
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Figure 6.6: Australian Leishmaniaimmunostaining of two F. (Lasiohelea)
sp.

A) Midge no. 13 haematoxylin and eosin stain (x1&))Midge no. 10 anterior
midgut and stomodeal valve immunostaining (x400M&)ge no. 13
stomodeal valve showing immunostaining (brown),ntetstained with
haematoxylin (x1000), D) Midge no. 13 midgut immataning of midge
(x1000).

6.3.7. Sequence analysis of the ribosomal RNA inter genic spacer

regions for Australian F. (Lasiohelea) species

The ribosomal RNA ITS regions were amplified foe th (Lasioheleah. sp.,
as well as. (L). townsvillensispecimens from the NT and Brisbane (QLD)

(L). townsvillensispecimens.

The sequence covered an approximate 700 bp anadew!18S rDNA, ITS1,
5.8SrDNA, ITS2a, 2S rDNA, ITS2 and 28S rDNA.

Five different specimens of thE. (Lasiohelea)n. sp. were sequenced to

determine if any sequence variation occurred withi@& species. In total all
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three clones from three midges and four clones fwoamidges (seven clones
total) were sequenced. All seven clones differechbleast one bp, one allele
contained a large 19 bp deletion in the ITS1 regamd another a 10 bp
insertion in the ITS1 region (GenBank accession:73631 Seq2 &

1373691 _Seql).

For NT F. (L.) townsvillensisthree different midge specimens were used to
compare sequences, one clone from one midge artlearfour clones from
two midges (five clones) were sequenced. Sequeadation was again seen
between the clones. Insertions and deletions qf ard 4 bp were seen in the
ITS1 region (Genbank accession: 1373385 Seql jAdept] & 1373385_Seq2

[4 bp deletion]).

For QLDF. (L.) townsvillensisthree midges were sequenced, two clones from
two midges and one clone from one midge specimger (flones). Sequence
variation was seen in three clones. Variable sitelsided a 5 bp insertion in the
ITS1 region and substitutions in the ITS2a givihgee different alleles. Two
alleles have been submitted to Genbank, acces§68688_Seq 1 contianing
the 5 bp insertion and 1373688_Seq2 without.

Sequence analysis comparing alleles from each epecnfirmed that the.
(Lasiohelea)n. sp. showed alleles distinct from the other msecVariation
within theF. (Lasioheleapgenus was restricted to the variable ITS regioasa(d

not shown).

6.3.8. Differentiation of collected F. (Lasiohelea) species using

high resolution melt analysis

Two assays were developed based on ITS sequenietiorarseen among.
(Lasiohelea)as detailed in 6.2.9. The first HRM analysis assageted the 5’
end of the ITS1. Normalised melt curves easilyedéhtiated species for our
control samples which had been morphologically fified. The assay was
further tested using DNA extractions from all marfdgically identified

specimens. Melt curve variations were found withéich species which made it
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difficult to interpret results, indicating that neothan one allele within species
was present based on their melt curves, includifedea not found during

sequencing (data not shown).

The second HRM assay targeted variation at the dT$2 addition to the
previously sequenced species outlined above, twecisgns ofF. (L.)
peregrinatorwere sequenced for ITS2a variation. A total ofrfolones were
sequenced and variation within the species was a#é@nfour alleles for the
ITS1 region, two of which have been submitted tonlizmk, accession
1373697_Seql and 1373697 _Seq2. No sequence vaimatibS2a was seen in
these clones folF. (L.) peregrinator The sequence variation betweén
(Lasiohelea)pecies and within some species for the ITS2a meigishown in
Figure 6.7. For these sequences the GC conteit @f.) peregrinatorandF.
(L.) townsvillensis(NT) is 40.77% and 40.31% respectively. The GCtean
for undescribed and undescribed-2 is 41.86% ar@P44d respectively.

Figure 6.7: ClustalW alignment comparing ITS2a regon for Australian F.
(Lasioheleg spp.
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The normalised HRM curves for NT species caughhatTWP are shown in
Figure 6.8 The real-time PCR products melted between 77 8A@.7Given the
GC content for each species it was expectedRhét.) townsvillensisvould
melt first, followed byF. (L.) peregrinatorand then thé&. (Lasioheleahn. sp..
The figure shows-. (L.) peregrinatormelts first closely followed by. (L.)

townsvillensisand later thé&. (Lasioheleah. sp.species.

This assay was used to identify specimens from dbiéection for which
specimens were homogenised during DNA extractiowistus were unable to
be distinguished morphologically. The validity dfetassay was assessed by
testing all samples that had been morphologicaéniified. This revealed an
additional allele in morphologically identifieé. (L.) peregrinatoy which

melted at a slightly lower temperature (not seqaaranfirmed).

Molecular identification using HRM analysis matchad 93% (94/101) of

specimens morphologically identified.
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Figure 6.8: Normalised high resolution melts of théTS2a region in threeF. (Lasiohelea)spp.



6.4. DISCUSSION

The first real-time PCR positive result for the tie@dncrimination studies was
observed in a pool of biting midge mixed specimenbis positive pool
originated from a light trap set at the Emu endesin which northern
wallaroos, confirmed with CL, were housed. The tfidghaps at the time
contained predominantly biting midges from the ge@ulicoides.Therefore,
screening ofCulicoidesspp became the priority, although this produced no

further positive results.

The field vector studies throughout this invesiigathave targeted trapping
insects which are active in the evening or dawreggscular) as this is
generally the activity period for phlebotomine sdiids. After the negative
results for phlebotomine sand flies and lafedicoideswe changed our focus

to screening insects observed feeding on captiveaopads.

In January 2009 an increase was observed in thedabae of day-feeding-(
(Lasiohelea)spp.and black flies) attacking captive macropods. Tamioer of
midges which could be easily aspirated from captinaeropods also increased.
In previous attempts it was only possible to caink or two midges per hour.
The seasonal abundance also coincided with theasgopee of CL symptoms in
two agile wallabies in March 2008, indicating theansmission might have
been occurring in January and February of 2008h&fiveF. (Lasioheleasp.
pools screened in January 2009, three were real-tHCR positive for
Australian Leishmania Two of these had low Ct values, indicating high

parasite burdens.

Immediately efforts were focused on demonstratifge tpresence of
promastigotes in the gut of day-feeding midgeshéthree positive dissections
high numbers of promastigotes were observed ingtlteand importantly the
presence of a PSG-like plug containing metacyaimrastigotes was observed

(Figure 6.5C). As discussed in chapter 1, PSG fdugation is believed to be



essential to enhance transmission by blocking theri@r midgut during the
blood feeding of the sand fly (Sadksal, 2008, Rogerst al, 2002, Rogerst
al., 2004). The PSG-like plug photographed from thst fpositive dissection
(Figure 6.5A) has a similar appearance to thahenghotograph published by
Rogerset al. (2002). The stained promastigotes from all thréssettions
contained various morphologoies, including procyakctomonad, leptomonad
and importantly metacyclic forms (Rogess al, 2002), Paul Batepersonal

communications

All the day-feeding midges found to contdieishmaniathrough dissections
were insects caught by manual aspiration from eaptiacropods. Presumably
these midges were caught while feeding or pridaking a bloodmeal. Figure
6.1 shows the image of a midge with a partial bioedl. This specific midge
had a high parasite load, as detected by real-®@&, and was manually
aspirated from a captive agile wallaby (Figure 6Alfthough this cannot be

confirmed this midge may have been caught in thefatansmission.

To investigate the prevalence of Australlasishmaniainfection within day-
feeding midges we increased the numbers of midydisidually screened by
real-time PCR. Prevalence appears to be quite fughto 16%), although it
should be noted that the majority of specimensctsdefor screening were
parous or gravid midges. This possibly accountstlier fairly high infection
rate. In addition the field sites were known totedm infected animals as steady

sources of midge infection.

It is important to note that there are no day-fegdnidges screened by both
PCR and dissection. If the dissections were alitexhdlly screened by PCR
we may have found a higher prevalence (higher ®eitg), but this is

logistically difficult after dissection and thers @& high chance of cross-

contamination between individual samples.

Interestingly, the midges caught while aspiratind dot attempt to bite the
collector. This indicates a preference for nativklhfe as a bloodmeal source.

The other day-feeding midge present in the cobectblack flies did
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occasionally bite the collector; this species wis® @bserved feeding on the

macropods but was not tested for Australiaishmanianfection.

The bloodmeal PCR results matched the midge feedimggrvations.Two
midges had bloodmeals that were of macropod originone midge the
bloodmeal was identified from dog. Domestic dodaf{gets) are found at the
TWP, as are dingo<@nis lupus dingpin the area outside the enclosures and
in an adjacent enclosure. However dogs were neanr sear the flight trap or
outside trapping enclosures during the course o $tudy. The results in
chapter 5 did cast some doubt on the validity & tHhoodmeal analysis. The
DNA extraction kit used for these midge extractiaras also used in chapters 2
and 3. DNA extracted from wild dog tissue samples walso done using this
kit. Contamination of the DNA extraction kit withaoropod or dog template is
possible as previously described in section 5.4 dbsign of this assay will
have to be reassessed for future studies. A mogeted approach to detect
bloodmeals from specific mammals, involving usetloé precipitin test to
complement DNA evidence, and setting up a designéleodmeal DNA
extraction kit, pipettes and separate work areaslldv@lso help prevent
contamination with foreign DNA. Employing a negatimidge bloodmeal
control for each DNA extraction carried out couldoa for laboratory

contamination to be monitored.

With the assistance of Dr Martin Shivas (Brisbanéy GCouncil) we
morphological identified three specieskaf(Lasiohelea)sp. in our collection.
This included a new species not described in thestataxonomic key for
Australian species (Debenham, 1983). Molecular atimn between each
species in the collection was also found througiusece analysis of the insect
ribosomal RNA gene ITS regions. To develop a higloughput molecular
method for identification we attempted to optimes&RM assay based on the
ITS regions. The rationale was to eliminate theetioonsuming process of
clearing and mounting specimens for identificatiéior the 1TS2a the melt

curves did not appear in the order predicted feheaidge species. This may
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have been due to secondary structures which canthé melting temperatures
of PCR products.

Unfortunately high polymorphism was found in theSITegions due to the
different alleles within species for this multicoggne (Gomulsket al, 2006,
Hillis and Dixon, 1991). Further sequencing upstreia the conserved 18S
rRNA gene, in particular the region sequenced fosthalian phlebotomine
sand flies (section 5.3.1) may find sufficient wation for species
differentiation, eliminating problems associated thwi intra-species
polymorphism and the lack of specificity of the HRMalysis assay to date.
Another alternative may be the mitochondrial cytoche oxidase subunit I
sequences which are used extensively in species EaMéoding and molecular
taxonomy of many different eukaryotic organismslfekeet al, 2003, BOLI,
20009).

Eight of the ten individually infected day-feedingdges have been identified
as the new undescribed species. The other two ifieehtare F. (L.)
peregrinator This suggests this species is more likely to e tector of
Australian Leishmania although this can only be concluded with further
screening by dissection to find mdfe (Lasiohelean. sp. infected and nét

(L.) peregrinator

In summary at least three of the four acceptedrghtiens have been met to
incriminate a vector olLeishmaniaas outlined by Killick-Kendrick (1999)
(section 1.5.4/6.1). First, we have obserifedLasioheleakspp. feeding on the
reservoir/incidental host and manually aspirateds¢hinsects from captive

macropods, confirming that biting occurred by bllowal analysis.

Second, it has been demonstrated that this midgeiesp can support the
development oleishmaniabeyond bloodmeal excretion, as parasite infected
parous midges were caught without bloodmeals. Residissections also
contained metacyclics which are infective formsuiegg for transmission, they
also will only appear after the digestion and ettoreof the bloodmeal. Sand

fly gut wall binding is believed to be vital fdreishmaniasurvival preventing
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excretion of the parasite with the bloodmeal (Saaks Kamhawi, 2001).
Immunohistochemistry on midge gut sections usintygonal mouse anti-
LeishmanialgG provided evidence of gut wall binding (Figuée6). The
circular immunostaining also found on the stomodealve suggests the
binding of haptomonads, which are believed to calsswage to this structure
and enhance transmission (Rogers and Bates, 200These
immunohistochemical studies need to be validateth vanore midges to
confirm Leishmaniaattachment in the mid gut. A monoclonatishmania
specific antibody againdteishmaniaLPG or proteophosphoglycan could also
be used in this assay, as the Australlamshmaniaparasites have these
molecules on their promastigote surface (Rets&, 2004). This would prevent

potential cross reactivity against trypanosomatitigens.

Third, theLeishmaniapresent in infected midges are identical to thasgkin
lesions (chapter 2/3). The screening real-time RERpecific for Australian
Leishmaniaand confirms that all infected midges found by P@&te infected
with the same species found in macropods with Qie positiveLeishmania
gut dissection was also confirmed as the sameipatasculture and sequence

analysis of the RNA polymerase subunit Il gene.

The only criterion that has not been met is theaestration of transmission by
the midge bite which is outside the time constgoftthis study. However, we
have presented strong evidence that the day-feedidge €. (Lasiohelean.
sp.) is transmitting Australiabeishmania Until now, phlebotomine sand flies
have been globally accepted as the primary veotaalf species of eishmania
An alternate vector for biological transmission haser been suggested before
for anyLeishmaniaspp. The significance of these findings and funeisearch

priorities will be discussed in the following clogi chapter.
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7. SUMMARY AND CONCLUDING REMARKS

7.1. Significance of Australian Leishmania sp.

Leishmaniases caused by the protozbarshmaniais an important parasitic
disease found worldwide. The majority of leishmaemstudied are zoonoses
that can manifest clinically as CL, VL or MCL deplmg on the infective
species and the geographic region. Populations rabstisk are in the
developing regions where there is often lack ofeascto adequate healthcare

and effective treatment and prevention.

Australia was once considered the only populatetimental landmass to be
free of Leishmaniauntil the discovery of CL in red kangaroos in € (Rose

et al, 2004). Since then imported dogs and cats araregfjto be screened for
leishmaniasis using the indirect fluorescent amljpor the ELISA tests as
outlined by World Organisation for Animal Health akual (Biosecurity
Australia, 2006, OIE, 2004). The fate of animalagtiosed with leishmaniasis
under this system is not clear as it is at therdigan of state government chief
veterinary officers. This could possibly resultimported animals not being
properly managed fokeishmaniainfections and possibly acting as a liaison

host for an exotic introduction into Australian alife.

Loss of biodiversity due to anthropogenic changehsas urbanisation and
deforestation result in emergent and re-emergectbxdorne zoonotic disease.
Preparedness for incursions of exotic diseasesfikey importance to
government, industry, primary producers and thetralian community. In
addition, Australia is a signatory of the United tidas Convention on
Biological Diversity (1992) and it has obligation¥hese include national
strategies and programs aimed at monitoring bioklgdiversity and the
identification and monitoring of processes that kkely to have significant
adverse effects on biodiversity (United Nations,929 In the global

environment 60% of all human pathogens are zoowmiit most of this disease
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emergence is considered to have originated frondlivg| therefore the
monitoring and understanding of wildlife health Awstralia is fundamentally

important (Woolhouse, 2002).

As a result of this study significant progress Hamen made towards
understanding the Australidreishmanialifecycle. Molecular characterisation
undertaken in this study via sequencing of the Ridymerase subunit Il gene
has shown that Australidreishmaniais quite different from othdreishmania
species and forms its own branch with the Brazilmn-human infecting
speciesLe. enriettii (Figure 2.7). It is important to note that the nniyoof
research intoLeishmania has been done on human pathogenic species.
Knowledge about the diversity and lifecycles of #mman infecting
Leishmaniais limited and their importance may well be undéreated. For
example, environmental change can put parasitegruseélective pressures
and/or put humans closer in proximity to paragfexicles, possibly resulting
in host-switching. In addition, changes in humaacsptibility to disease may
occur, for example in HIV infection, in which immoicompromised individuals
are more susceptible to leishmaniasis. The HIV/AEp&Iemic has caused an
increase in HIMLeishmania co-infection in immunocompromised patients.
There have also been reports of immunocompromisgtbs being more
susceptible to presumably monoxenous trypanosonrd#gdtion (Alvaret al,
2008, Dedet and Pratlong, 2000, Desjeux and AR@D3). Very little is known
about insect trypanosomatids in areas of southAssaatand Australia and only
2000-2500 of the 1 million known species of inseetsrldwide have been
studied by parasitologists (Podlipaev, 2001). A hricdiversity of

trypanosomatids in Australasia may be waiting taliseovered.

7.2. Australian Leishmania hosts

The TWP is a unigue environment for research ihlifecycle of Australian
Leishmania At the park symptoms were observed, resultintpédiagnosis of

ongoing CL in northern wallaroos, agile wallabiesdaa black wallaroo.
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Captive macropods appear to be particularly suddepto Leishmania
infection and the cause is likely multi-facetedlinting variation related to age
of exposure, host density, host nutritional stategposure to re-infection,
altered vegetation types and irrigation etc, paddigtcreating alLeishmania
infection ‘hot spot’. All northern wallaroos at thgark were diagnosed with
Australian Leishmania during the course of the project. These animals
reportedly had lumps and swollen tails whilst ie ttame enclosures as red
kangaroos with CL in 2003, but none tested posiéivéhat time (Karrie Rose
personal communicatiohs It is unclear what made them suddenly more
susceptible to severe infection in 2007. This iaréf environment maybe a risk
factor producing a situation where obeishmaniareservoir subsequently led
to infection of other animals in the same enclosamd re-infection occurred
seasonally, spreading and increasing the prevalehdefection. The high

prevalence may also be dependent on the vectolgtams.

It is also unclear where Australidishmaniaoriginally came from. The park
is surrounded by natural bushland and it is pldeditat a naturalLeishmania
cycle originally existed in the area. An alternatihypothesis is that
leishmaniasis was originally introduced with thd kangaroos or other captive
macropods. This is seems unlikely as unrelateckaegjaroos were diagnosed
with CL in two separate locations in the Darwinaluarea (Roset al, 2004).
Unless all the animals were infected when they &éraved in the NT, this is an
indication the parasite is endemic in the Darwirakarea. The red kangaroo
located at Humpty Doo (approximately 30 km awayrfrthe TWP) was hand
reared from a pouch juvenile. This animal had nat@ct with other macropods
in its enclosure. Although it cannot be conclugpvetoven, it is highly likely

that this animal was infected within it's enclosbreinsect bite.

Our serological results in macropods also indicat@osure to Australian
Leishmaniaacross a wide geographical region (Figure 3.33ddition we have
PCR positive ear tissue snips found in separatatitots in the Darwin rural
area for antilopine wallaroos and agile wallabiésther suggesting that

Leishmanias endemic to the region.
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At the beginning of the study we hypothesised thatommon macropod
adapted to the Darwin rural area would be the wveserof infection for
Leishmania This study showed that antilopine wallaroos agideawallabies
are certainly susceptible to infection and are pbbp capable of acting as a
Leishmaniareservoir. It is difficult to tell if they are thgrimary or secondary
reservoir of infection in the wild (non-captive abtions) as many of our
samples have originated from artificial environnsentilopine wallaroos are
abundant in the Darwin rural area, are closelytedl@o the northern wallaroos
seen with CL and have similar behaviours. A notabfterence is their wild
habitats, northern wallaroos, although native ®‘ffrop End’, are not common
in the Darwin rural area. This, along with the ssrand associated time in
captivity may have increased their susceptibilayalL. Antilopine wallaroos,
on the other hand, were infected with Australimmshmaniawithout significant

clinical signs of disease, suggesting a toleraacéfection.

Interestingly, previous vitro mouse peritoneal macrophage infectivity studies
of AustralianLeishmaniahave shown showed higher infection rates at 33°C
compared to 37°C (Ros al, 2004). Australian marsupials are known to have
lower body temperatures than other mammals, withrmtemperatures 2-3°C
lower than for usual eutherians. The short-nosechdicaot (soodon
macrouru$, related to the northern brown bandicoot sampietiis study, had

a resting body temperature of 34.7°C (Dawson anibétt)y 1970). The mouse
macrophage infection temperature and marsupial btelyperatures are
possibly coincidental, but do highlight that maisilg could be likely

reservoirs.

Screening of tissue from other asymptomatic na@wemals found more
AustralianLeishmaniainfection by semi-quantitative real-time PCR (&tigg
the repetitive miniexon). These included northerawm-bandicoot, northern
brush-tail possum, black-footed tree rat, fawn emteus and black flying-fox.
A recent study of 683 bats from the Brazilian stat&ao Paulo found 3.2% to
be PCR positive foteishmaniainfection in the spleen and liver, although
infection was not demonstrated from Giemsa stairteese samples (Savagti
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al.). This study is interesting as a skin sample feobilack flying-fox was real-
time PCR positive at the TWP. In addition, suspisid_eishmanialike
amastigotes within macrophages of spleen from aa8ydNSW) grey-headed
flying-fox (Peteropus poliocephalysave also been observed by colleagues at
the Australian Registry for Wildlife Health (KarrieRose personal
communications Furthermore, the reservoir of the closely relatdAR1
Leishmaniastrain isolated in Martinique is unknown, the onlgtive animals
left on the island are bats (Noyetsal, 2002). In northern Australia, bats make
up a significant proportion of the mammalian biomand are well known
worldwide as reservoirs for emerging zoonotic vsisThe most common
species in the Darwin rural area are black flyiogels P. alectoand P.
scapulatuy and colonies containing thousands of individwas be found in a
wide variety of coastal habitats depending on #esen (Vardoret al, 2001)
(Vardonet al, 2001, Tidemanrt al, 1999). These animals, along with other
small mammals surely justify further investigatias reservoirs for Australian

Leishmanianfection.

7.3. Incriminating a vector

Extensive field studies on phlebotomine sand flpsved to be vital in
considering an alternative vector fbeishmaniain Australia. Insect trapping
over 2.5 years showed a relatively low abundanceaod flies, all from the
genus Sergentomyia Although female sand flies were not concurrently
screened with day-feeding midges in January 208 flies were screened in
the two previous monsoonal seasons. All femalad sies screened for
AustralianLeishmaniafrom this genus were negative and bloodmeal aisalys
suggested a preference for reptiles as reportéoeifiterature. It is difficult to
prove with absolute certainty that a parasite @ea$e is not present in a
population. Although we used a variety of sampliaghniques, it is possible

these may have failed to collecPalebotomuspp. vector. This seems unlikely
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and the evidence presented in this thesis overwhglyn suggests that
phlebotomine sand flies play no role in Australigishmaniaransmission.

Collaborations with the Liverpool School of TropicMedicine allowed
experimental infections of the South Ameridain longipalpiswith Australian
Leishmaniato be performed (data not shown). This permisgaetor, which is
capable of transmitting numerousishmaniaspp. was unable to sustain
Australian Leishmania infection beyond bloodmeal excretion in repeated
experiments (Paul Batgsersonal communicatiopnsAlthough not definitive,
this observation complements our suggestion of lemnative vector, unless
transmission is occurring directly between animatgj unlikely scenario given

the results of this thesis.

The discovery of Australiaheishmaniainfection in day-feeding midged=(
(Lasiohelea)pp.) is a world first. Chapter 6 details infectiortwo species and
presents evidence that an asiyefLasiohelean. sp.biting midge species plays
a role in transmission. To date scant research be@n conducted on the
subgenud.asioheleain Australia. There are 26 species of this subgdound

in Australia and of which four species have beenomded in the NT
(Debenham, 1983). The day-feeding midges are génemasociated with
tropical and subtropical environments (Kettle, 1884nd the geographic
distribution ofF. (Lasiohelealspp. has been depicted by the Australian Faunal
Directory (Figure 7.1) The subgenud.asioheleaappear to have a wide
geography covering many different ecosystems inctudsome that are
particularly diverse such as the Cape York PenmsifilQueensland. They are
also found in populated regions such as coastahseast Queensland and
coastal New South Wales. The most collected spégies(L.) townsvillensis
which is a notorious human biter in suburban nedistern Australia (Cribb,
2000, Debenham, 1983). This species has also bemmermpas a vector of
Onchocerca gibsoni which causes bovine onchocerciasis (Ottley and
Moorhouse, 1980). Two species identified in the kes collectionF. (L.)
townsvillensisand F (L.) peregrinator are known to bite humans and large

mammals such as horse, ox, sheep, goat, rabbwaltaby (Debenham, 1983).
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To the best of our knowledge a day-feeding midgerever been suspected as
a vector of Leishmania although there have been recent reports of
trypanosomatid infections in other biting midgesh® genu€ulicoides These
include the new speciellerpetomonas ztiplikefound in the hindgut and
malpighian tubes o€. kibunensigPodlipaevet al, 2004),Sergeia podlipaev
found in midgut and malpighian tubes 6f (Oecacta) festivipenniand C.
(Oecacta) truncorum(Svobodovaet al, 2007) and finally Herpetomonas
trimorpha localised to the malpighian tubes @. (Oecacta) truncorum
(Zidkovaet al, 2009).

Figure 7.1: Distribution of Australian day-feeding F. (Lasiohelea)species

Boundaries shown are the Interim Biogeographic &egisation of Australia
regions. Distribution may show some bias for ingetiections of
entomologists (Debenham, 1983) . Image reproduced the Australian
Biological Resources Study (Australian Faunal Dimeg 2008).
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7.4. Future studies

The unique finding that phlebotomine sand flies ardikely vectors of
Leishmaniain Australia raises questions about future epidéogical studies

on leishmaniasis in the region.

The main question for Australia is: could an impdrpathogenit.eishmania
become endemic? Experimental transmission of Alistt@&ishmaniaby day-
feeding midges needs to be demonstrated to funtivestigate this finding and
iniatally confirm the vector status. The new spe®€ day-feeding midge must
be formally described, in additionFa (Lasiohelea)n. sp colony needs to be
established to carry oun vitro infections of Australiar.eishmaniato monitor
the progression of infection within the gut. It Malso need to be determined if
F. (Lasiohelea)n. sp is a permissive vector through experimemtigctions
with exotic human pathogenic species suchLasdonovani, Le. major, Le.

tropica, Le. infantunandLe. braziliensis.

Little is currently known about the lifecycle df. (Lasiohelea)spp. in
Australia. Although, oviposition and maintenanceaofilts have been studied
in the laboratory foF. (L.) townsvillensisno colonies have been established.
Only one larva has been recovered from the wild &tld is known about
where the immature stages are found or their muat requirements (Cribb,
2000). To fill the gaps in understanding of the(Lasiohelea)spp. lifecycle,
collections should be conducted from various miatotats identifying
breeding sites and these conditions should becegpli in the laboratory. Using
various models for existing midges colonies, défgrenvironment conditions

will need to be trialled to optimise midge surviualthe laboratory.

The susceptibility of Australian wildlife to exoticishmaniaspp. infection also
needs to be determined. As previously mentionedstrAlian possums are
known to be highly susceptible toe. donovaniinfection as shown by the
experimental inoculations carried out in 1948 (Belt & Backhouse, 1948).
Further studies regarding the susceptibility of #algan marsupials td_e.

donovaniand otherLeishmaniaspp. have not been conducted. To do this
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vitro macrophage cell lines could be developed for I¢€ap End) hosts such
as antilopine wallaroo and agile wallaby. Suscdiibof these cell lines to
exotic Leishmaniainfection could be tested experimentally, usings#alian
Leishmaniaas the model for infection.

Wildlife surveillance for natural infection with Atralian Leishmaniamust

continue. The prevalence and susceptibility todtéa in wild populations of
antilopine wallaroos and agile wallabies could ketedmined with further
collections from wider geographical range. Also tbke of small mammals in
the AustralianLeishmanialifecycle needs to be further assessed by catlacti
and real-time PCR testing of tissues from a varigtymammals including
northern brown-bandicoot, black-footed tree ratthmern brush-tailed possum,

native mice and black flying-fox.

Identification of animals that are a priority foollection would benefit from
ongoing bloodmeal analysis &f. (Lasiohelea)spp. In addition, measuring
antibody responses in local wildlife to midge satiwgland antigens by utilising
our stored serum collections may aid in the ideraifon of mammals with
increased risk of being bitten by. (Lasiohelea)spp. The screening df.
(Lasiohelea)spp. forLeishmaniainfection from a wider geographical area will
highlight ecosystems specific to the parasite &edassociated mammals in that

environment. It may also find new undescribed sggeofleishmania

In summary, the findings of this PhD project hanwlicated both a reservoir
and vector for AustraliaiLeishmania These key findings and the proposed
studies outlined in this section will aid in theskiassessment for an exotic
Leishmaniaintroduction; ultimately protecting wildlife hehlt human health

and Australia’s biosecurity.
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9. APPENDICE

9.1. APPENDIX 1

Source Collection Sampling . Sample T_ype or no. of
Species Collection specimens/t Contents Assay
ID Date Locale
Method ube
100004 6/02/2009  Picnic Ground - (LaSiohelean. “y, o o1 aspiration 1 QagenDNA o | time PCR
sp.(undescribed) Extraction
. F. (Lasiohelea. o Qiagen DNA .
100006 6/02/2009 Picnic Ground sp. (undescribed) Manual aspiration 1 Extraction Real-time PCR
. F. (Lasioheleah. o Qiagen DNA .
100014 6/02/2009 Picnic Ground sp. (undescribed) Manual aspiration 1 Extraction Real-time PCR
. F. (Lasiohelea. o Qiagen DNA .
100015 2/02/2009 Picnic Ground sp. (undescribed) Manual aspiration 1 Extraction Real-time PCR
- F. (Lasiohelea. Qiagen DNA .
100130 20/01/2009 Picnic Ground sp. (undescribed) CO; trap 3 Extraction Real-time PCR
100131 21/01/2009 Emu F. (La5|ohele_:a)1. Manual aspiration 5 Qiagen DNA Real-time PCR
sp.(undescribed) Extraction
100133 21/01/2009  Picnic Ground - (Lasiohelean. CO,trap 5 Qiagen DNA oo altime PCR
sp.(undescribed) Extraction
. Qiagen Non-
100444  4/02/2009 Picnic Ground F. (Lasiohelea. Manual aspiration 1 destructive Real-time PCR

sp. (undescribed)

DNA



100586

100605

100623

100599

100601

100073

100077

54
3

11/03/2009

17/03/2009

30/01/2009

11/03/2009

11/03/2009

25/03/2008

26/02/2009

24/01/2008
24/06/2002

Woodland /
Picnic Ground

Picnic Ground

Picnic Ground

Woodland /
Picnic Ground

Woodland /
Picnic Ground

Picnic Ground

Picnic Ground

Territory
Wildlife Park
Darwin

F. (Lasioheleah.

sp. (undescribed)

F. (Lasioheleah.

sp. (undescribed)

F. (Lasioheleah.

sp. (undescribed)

F. (Lasiohelea)
peregrinator

F. (Lasiohelea)
peregrinator

F. (Lasiohelea)
sp.

F. (Lasiohelea)
sp.
Isoodon
macrourus
Macropus agilis

Manual aspiration

Manual aspiration

Manual aspiration

Manual aspiration

Manual aspiration

Manual aspiration
Manual aspiration

Ear
Blood

extraction

Qiagen Non-
destructive
DNA
extraction
Qiagen Non-
destructive
DNA
extraction

Qiagen Non-
destructive
DNA
extraction
Qiagen Non-
destructive
DNA
extraction

Qiagen DNA
extraction
Serum

Real-time PCR

Real-time PCR

Dissection

Real-time PCR

Real-time PCR

Dissection
Dissection

Real-time PCR
Kangaroo IgG
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32

54

67

68

197

265

270

340

20421

196

24/06/2002

24/06/2002

13/12/2007

13/12/2007

6/12/2007

28/12/2007

14/12/2008

14/12/2008

16/12/2004

28/04/2009

28/04/2009

25/11/2004

8/12/2004

Darwin
Darwin
Virginia
Virginia
Virginia
Bees Creek
Finnis River
Dundee
Virginia
Marrara

Livingstone

Territory
Wildlife Park
Territory
Wildlife Park

Macropus agilis
Macropus agilis
Macropus agilis
Macropus agilis
Macropus agilis
Macropus agilis
Macropus agilis
Macropus agilis
Macropus agilis
Macropus agilis
Macropus agilis
Macropus agilis

Macropus agilis

Blood

Blood

Shoulder lesion

Shoulder lesion

Blood

Ear

Blood

Blood

Lesion left upper

inner arm
Blood

Blood

Blood

Blood

Serum

Serum

Qiagen DNA
extraction
Qiagen DNA
extraction

Serum

Qiagen DNA
extraction

Serum

Serum

Qiagen DNA
extraction

Serum
Serum
Serum

Serum

ELISA
Kangaroo IgG
ELISA
Kangaroo IgG
ELISA

Real-time PCR

Real-time PCR

Kangaroo IgG
ELISA

Real-time PCR

Kangaroo IgG
ELISA

Kangaroo IgG
ELISA

Real-time PCR

Kangaroo IgG
ELISA
Kangaroo IgG
ELISA
Kangaroo IgG
ELISA
Kangaroo IgG
ELISA



20421

70522

70522

70522

70523

82810

84965

84971

90691

105062

105065

106682

117792
117794

8/12/2004

18/03/2008

18/03/2008

18/03/2008

25/01/2008

10/11/1998

17/05/1999

17/05/1999

7/07/2000

1/01/2002

1/01/2002

1/01/2002

1/01/2004
1/01/2004

Territory
Wildlife Park
Territory
Wildlife Park
Territory
Wildlife Park
Territory
Wildlife Park
Territory
Wildlife Park
Territory
Wildlife Park

Humpty Doo
Humpty Doo

Darwin

Douglas Daly
Research Farm
Douglas Daly
Research Farm

Arnhem Land

Darwin River

Darwin River

Macropus agilis
Macropus agilis
Macropus agilis
Macropus agilis
Macropus agilis
Macropus agilis
Macropus agilis
Macropus agilis
Macropus agilis
Macropus agilis
Macropus agilis
Macropus agilis

Macropus agilis

Macropus agilis

Blood

Blood

Ear

Foot lesions

Ear

Blood

Blood

Blood

Blood

Blood

Blood

Blood

Blood
Blood

Serum

Serum

Qiagen DNA
extraction
Qiagen DNA
extraction
Qiagen DNA
extraction

Serum
Serum
Serum
Serum
Serum
Serum
Serum

Serum

Serum

Kangaroo IgG
ELISA

Kangaroo IgG
ELISA

Real-time PCR
Real-time PCR

Real-time PCR

Kangaroo IgG
ELISA
Kangaroo IgG
ELISA
Kangaroo IgG
ELISA
Kangaroo IgG
ELISA
Kangaroo IgG
ELISA
Kangaroo IgG
ELISA
Kangaroo IgG
ELISA
Kangaroo IgG
ELISA

Kangaroo IgG
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37

38

40

42

88

124

206

206

206

206

274

20010

198

16/09/2007

22/12/2007

22/12/2007

30/12/2007

16/12/2007

20/03/2009

1/01/2002

18/03/2009

5/05/2005

18/08/2008

18/08/2008

28/12/2007

17/03/2009

Litchfield/Darwi
n river

Virginia
Virginia
Virginia
Virginia
Virginia
Pine Creek

Territory
Wildlife Park
Territory
Wildlife Park
Territory
Wildlife Park
Territory
Wildlife Park

Virginia
Territory
Wildlife Park

Macropus
antilopinus
Macropus
antilopinus
Macropus
antilopinus
Macropus
antilopinus
Macropus
antilopinus
Macropus
antilopinus
Macropus
antilopinus
Macropus
antilopinus
Macropus
antilopinus
Macropus
antilopinus
Macropus
antilopinus
Macropus
antilopinus
Macropus
antilopinus

Blood

Ear

Ear

Ear

Ear

Blood

Blood

Blood

Blood

Blood

Ear

Ear

Blood

Serum

Qiagen DNA
extraction
Qiagen DNA
extraction
Qiagen DNA
extraction
Qiagen DNA
extraction

Serum
Serum
Serum
Serum

Serum

Qiagen DNA
extraction
Qiagen DNA
extraction

Serum

ELISA

Kangaroo IgG
ELISA

Real-time PCR
Real-time PCR
Real-time PCR

Real-time PCR

Kangaroo IgG
ELISA
Kangaroo IgG
ELISA
Kangaroo IgG
ELISA
Kangaroo IgG
ELISA
Kangaroo IgG
ELISA

Real-time PCR

Real-time PCR

Kangaroo IgG
ELISA



72007

101137

106762

106762

920721

920721

920721

920721

920721

920722

920722

920858

920858
920858

10/10/1997

1/01/2002

21/07/2008

1/01/2003

21/03/2007

21/03/2007

21/03/2007

21/03/2007

21/03/2007

5/06/2008

5/06/2008

4/04/2007

4/04/2007
4/04/2007

Territory
Wildlife Park
Territory
Wildlife Park
Territory
Wildlife Park
Territory
Wildlife Park
Territory
Wildlife Park
Territory
Wildlife Park
Territory
Wildlife Park
Territory
Wildlife Park
Territory
Wildlife Park
Territory
Wildlife Park
Territory
Wildlife Park
Territory
Wildlife Park
Territory
Wildlife Park

Territory

Macropus
antilopinus
Macropus
antilopinus
Macropus
antilopinus
Macropus
antilopinus
Macropus
antilopinus
Macropus
antilopinus
Macropus
antilopinus
Macropus
antilopinus
Macropus
antilopinus
Macropus
antilopinus
Macropus
antilopinus
Macropus
antilopinus
Macropus
antilopinus
Macropus

Blood

Blood

Blood

Blood

Blood

Ear

Ear

Ear

Foot

Blood

Ear

Blood

Ear

Ear

-

Serum
Serum
Serum
Serum

Serum

Qiagen DNA
extraction
Qiagen DNA
extraction
Qiagen DNA
extraction
Qiagen DNA
extraction

Serum

Qiagen DNA
extraction

Serum

Qiagen DNA
extraction
Qiagen DNA

Kangaroo IgG
ELISA
Kangaroo IgG
ELISA
Kangaroo IgG
ELISA
Kangaroo IgG
ELISA
Kangaroo IgG
ELISA

Real-time PCR
Real-time PCR
Real-time PCR

Real-time PCR

Kangaroo IgG
ELISA

Real-time PCR

Kangaroo IgG
ELISA

Real-time PCR
Real-time PCR
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950616 14/07/2008

950616

950616

40028

40028

40028

200

4/04/2005

1/03/2005

13/05/2008

5/12/2008

13/05/2008

7/09/2007

7/09/2007

7/09/2007

7/09/2007

7/09/2007

Wildlife Park
Territory
Wildlife Park
Territory
Wildlife Park
Territory
Wildlife Park
Territory
Wildlife Park
Territory
Wildlife Park
Territory
Wildlife Park

Territory
Wildlife Park

Territory
Wildlife Park

Territory
Wildlife Park

Territory
Wildlife Park

Territory
Wildlife Park

antilopinus
Macropus
antilopinus
Macropus
antilopinus
Macropus
antilopinus
Macropus
bernardus
Macropus
bernardus
Macropus
bernardus
Macropus
robustus
woodwardi
Macropus
robustus
woodwardi
Macropus
robustus
woodwardi
Macropus
robustus
woodwardi
Macropus
robustus

Blood

Blood

Blood

Blood

Blood

Ear

Blood

Ear lesion

Ear lesion

Foot

Tail lesion

extraction

Serum
Serum
Serum
Serum

Serum
Qiagen DNA
extraction

Serum

Qiagen DNA
extraction

Qiagen DNA
extraction

Qiagen DNA
extraction

Qiagen DNA
extraction

Kangaroo IgG
ELISA
Kangaroo IgG
ELISA
Kangaroo IgG
ELISA
Kangaroo IgG
ELISA
Kangaroo IgG
ELISA

Real-time PCR

Kangaroo IgG
ELISA

Real-time PCR

Real-time PCR

Real-time PCR

Real-time PCR



10

10

10

10

10

121

373

373

373

3/10/2007

30/11/2007

30/11/2007

30/11/2007

30/11/2007

1/01/2002

7/09/2007

7/09/2007

7/09/2007

Territory
Wildlife Park

Territory
Wildlife Park

Territory
Wildlife Park

Territory
Wildlife Park

Territory
Wildlife Park

Groote Island

Territory
Wildlife Park

Territory
Wildlife Park

Territory
Wildlife Park

woodwardi
Macropus
robustus
woodwardi
Macropus
robustus
woodwardi
Macropus
robustus
woodwardi
Macropus
robustus
woodwardi
Macropus
robustus
woodwardi
Macropus
robustus
woodwardi
Macropus
robustus
woodwardi
Macropus
robustus
woodwardi
Macropus
robustus

Blood

Nodule left leg

Right ear

Right leg lymph

Spleen

Blood

Blood

Ear lesion

Ear lesion

Serum

Qiagen DNA
extraction

Qiagen DNA
extraction

Qiagen DNA
extraction

Qiagen DNA
extraction

Serum

Serum

Qiagen DNA
extraction

Qiagen DNA
extraction

Kangaroo IgG
ELISA

Real-time PCR

Real-time PCR

Real-time PCR

Real-time PCR

Kangaroo IgG
ELISA

Kangaroo IgG
ELISA

Real-time PCR

Real-time PCR
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373

373

40118

83212

83212

83212

83212

83212

7/09/2007

7/09/2007

16/03/2009

12/09/2008

3/10/2007

20/05/2008

20/05/2008

12/09/2008

100952 21/09/2007

202

Territory
Wildlife Park

Territory
Wildlife Park

Territory
Wildlife Park

Territory
Wildlife Park

Territory
Wildlife Park

Territory
Wildlife Park

Territory
Wildlife Park

Territory
Wildlife Park

Territory
Wildlife Park

woodwardi
Macropus
robustus
woodwardi
Macropus
robustus
woodwardi
Macropus
robustus
woodwardi
Macropus
robustus
woodwardi
Macropus
robustus
woodwardi
Macropus
robustus
woodwardi
Macropus
robustus
woodwardi
Macropus
robustus
woodwardi
Macropus
robustus

Foot lesion

Tail lesion

Blood

Blood

Blood

Blood

Ear

Ear

Ear tissue

Qiagen DNA
extraction

Qiagen DNA
extraction

Serum

Serum

Serum

Serum

Qiagen DNA
extraction

Wizard SV
DNA
Extraction
Qiagen DNA
extraction

Real-time PCR

Real-time PCR

Kangaroo IgG
ELISA

Kangaroo IgG
ELISA

Kangaroo IgG
ELISA

Kangaroo IgG
ELISA

Real-time PCR

Real-time PCR

Real-time PCR



100952

100952

970181

970181

970181

990096

990096

990096

990096

21/09/2007

21/09/2007

3/10/2007

13/03/2009

25/08/2005

7/03/2008

7/03/2008

7/03/2008

7/03/2008

Territory
Wildlife Park

Territory
Wildlife Park

Territory
Wildlife Park

Territory
Wildlife Park

Territory
Wildlife Park

Territory
Wildlife Park

Territory
Wildlife Park

Territory
Wildlife Park

Territory
Wildlife Park

woodwardi
Macropus
robustus
woodwardi
Macropus
robustus
woodwardi
Macropus
robustus
woodwardi
Macropus
robustus
woodwardi
Macropus
robustus
woodwardi
Macropus
robustus
woodwardi
Macropus
robustus
woodwardi
Macropus
robustus
woodwardi
Macropus
robustus

Lymph node

Lymph node

Blood

Blood

Blood

Blood

Colaca

Ear

Tail Lesion

Qiagen DNA
extraction

Qiagen DNA
extraction

Serum

Serum

Serum

Serum

Qiagen DNA
extraction

Qiagen DNA
extraction

Qiagen DNA
extraction

Real-time PCR

Real-time PCR

Kangaroo IgG
ELISA

Kangaroo IgG
ELISA

Kangaroo IgG
ELISA

Kangaroo IgG
ELISA

Real-time PCR

Real-time PCR

Real-time PCR
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990096

990096

990096

214

214

22

115

890048

70382

70382

7/03/2008

7/03/2008

7/03/2008

22/05/2008

22/05/2008

1/09/2007

7/10/2004

9/06/2008

9/01/2008

9/01/2008

Territory
Wildlife Park

Territory
Wildlife Park

Territory
Wildlife Park

Buff Farm

Buff Farm

Territory
Wildlife Park
Territory
Wildlife Park

Territory
Wildlife Park

Territory
Wildlife Park
Territory
Wildlife Park

woodwardi
Macropus
robustus
woodwardi
Macropus
robustus
woodwardi
Macropus
robustus
woodwardi
Mesembriomys
gouldi
Mesembriomys
gouldi
Onychogalea
unguifera
Onychogalea
unguifera

Pteropus alecto

Trichosurus
vulpecula
Trichosurus
vulpecula

Tail Lesion

Tail Lesion
(culture)

Ear

Skin
Skin
Blood

Blood

Ear

Ear

Ear

Qiagen DNA
extraction

Qiagen DNA
extraction

Wizard SV
DNA
Extraction
Qiagen DNA
extraction
Qiagen DNA
extraction

Serum

Serum

Wizard SV
DNA
Extraction
Qiagen DNA
extraction
Qiagen DNA
extraction

Real-time PCR

Real-time PCR

Real-time PCR

Real-time PCR

Real-time PCR

Kangaroo IgG
ELISA

Kangaroo IgG
ELISA

Real-time PCR

Real-time PCR

Real-time PCR
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